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Sample preparation is a key role in modern analytical method, especially in dealing 
with complex sample matrices, which isolating the target analytes from sample 
matrices and rendering them suitable for the analytical steps. Among the recently 
developed sample preparation methods, solvent-miniaturized and 
environmental-friendly microextraction methodologies have attracted the most 
attention in recent years. This thesis described the development of several novel 
microextraction techniques and their applicability in environmental sample analysis.  
 
Firstly, solvent bar microextraction (SBME) was coupled with simultaneous 
derivatization to determine pharmaceutically active compounds (PhACs) in 
environmental water samples. The derivatization reagent was added in the extraction 
solvent (solvent bar), so that the analytes could be extracted from the aqueous sample 
and simultaneously derivatized in the solvent bar. After extraction, the derivatized 
analytes in the extract could be directly analyzed by gas chromatography-mass 
spectrometry (GC–MS). The results showed that this method could be a fast and 
efficient alternative to traditional method, in which the extraction and derivatization 
were two separated steps.  In ionic liquid supported three-phase liquid-liquid-liquid 
solvent bar microextraction (IL-LLL-SBME), an ionic liquid, 
1-butyl-3-methylimidazolium hexafluorophosphate ([BMIM][PF6]), was developed as 
the intermediary solvent for LLL-SBME instead of the conventional used organic 
xiv 
solvents. The analytes were extracted from sample solution into the ionic liquid phase 
impregnated in the pores of the hollow fiber and finally, back-extracted into acceptor 
solution in the lumen of the hollow fiber. Since an ionic liquid was used, this method 
was totally organic solvent free and environmentally friendly. 
 
Secondly, several low-density solvent based dispersive liquid-liquid microextraction 
(DLLME) techniques were developed. In low-density solvent based 
ultrasound-assisted emulsification microextraction (LDS-USAEME), the emulsion 
was formed with the assistance of ultrasounication; avoid the use of dispersive solvent, 
greatly reducing the amount of organic solvent in the procedure. Combined with 
on-column derivatization, this approach provided a simple and efficient method for 
determining carbamate pesticides in aqueous samples with the limits of detection 
(LODs) as low as 0.01 µg/L. 
 
Furthermore, a highly efficient two-step method, electro membrane extraction (EME) 
coupled to LDS-USAEME, was developed. In EME, the analytes were extracted from 
the sample solution into the acceptor solution under electrical potential, which was 
then employed as the sample solution for the USAEME, in which the analytes was 
further extracted into the extraction solvent. Due to the protection afforded by the 
membrane in EME, the method could be directly used for complex matrices, 
overcoming the limitation of conventional USAEME. With the combined two-step 
procedure, high enrichment factors (up to 2198) could be achieved for chlorophenols. 
xv 
In low-density solvent-based solvent demulsification DLLME, after extraction, 
instead of break up the emulsion by centrifugation, a demulsification solvent was 
injected into the aqueous solution to break up the emulsion, which separated into two 
layers. The procedure was convenient and has the potential to be applied in field since 
no power-based centrifugation was required. 
 
In these three low-density-solvent-based DLLME methods, a flexible and disposable 
polyethylene pipette was used as extraction device in the procedure, which permitted 
a solvent with a density lighter than water to be used as extraction solvent, broadening 
the range of organic solvents for DLLME, and also provided the convenient collection 
of upper layer of extraction solvent.  
 
Lastly, micro-solid-phase extraction (µ-SPE) was developed for the determination of 
trace level of 16 polycyclic aromatic hydrocarbons in river water samples. 
Multiwalled carbon nanotubes was employed as µ-SPE sorbent. The large surface 
area afforded by the MWCNTs and their π-π electrostatic interactions with the 
aromatic rings of the analytes facilitated strong adsorption between the two species. 
After extraction, analyte desorption was carried out with a suitable organic solvent 
under ultrasonication. Due to the protection provided by the porous polypropylene 
membrane in µ-SPE, no additional cleanup step was required. The results showed that 
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Chapter 1 Introduction 
1.1 Sample preparation 
1.1.1 Preamble 
Sample preparation plays an essential role in an analytical procedure, which normally 
consists of five steps including sampling, sample preparation, analysis, data analysis 
and evaluation [1].  
 
Even with the substantial development and technological advances in the analytical 
fields, most modern analytical instruments cannot directly handle complex sample 
matrices, as a result, sample preparation is usually necessary [2,3], especially for the 
determination of analytes at trace levels in complex matrices, such as environmental, 
biological, food, and nature product samples. 
 
The objective of sample preparation is to isolate and concentrate target analytes from 
matrices, making them suitable for analysis by relevant analytical instruments [1]. 
The major aims of sample preparation are to remove potential interferents, 
concentrate the target analytes prior to instrumental analysis, and lead them to be 
compatible with the analytical system [4,5]. The quality of the final analysis depends 
significantly on the sample preparation procedure [4], and how well it has been 
carried out. 
 
In an analytical procedure, the sample preparation techniques needed depend on the 
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properties of the analytes, required limits of detection, and the sample matrices [6]. 
Sample preparation often takes up most time of the analytical procedure, and 
contributes largely to the total cost of the analysis[7]. Sample preparation is the most 
time-consuming and costly component, and indeed often the bottleneck of the entile 
analytical procedure [2]. 
 
1.1.2 Sample preparation techniques 
Widely used sample preparation methods include liquid-liquid extraction (LLE), 
solid-phase extraction (SPE), Soxhlet extraction (SE), supercritical fluid extraction 
(SFE), microwave-assisted extraction (MAE), and pressurized liquid extraction (PLE, 
or termed commercially as accelerated solvent extraction (ASE)). 
 
LLE and SPE are time-consuming, laborious, and usually require a large amount of 
organic solvents, which are expensive, potentially hazardous to operators’ health and 
environment, and represent a source of pollution to environment [7-10]. Adding to 
these drawbacks, the high cost of the disposal of waste organic solvents makes these 
methods undesirable in the modern analytical laboratory.  
 
SFE is fast and only a small volume of solvent is required. However, the application 
of SFE has been limited by the high matrix dependence, difficulties in extracting polar 
compounds (when the most common fluid, supercritical carbon dioxide, is used), 
requirement of high purity supercritical fluids which are relatively expensive, and 
3 
poor equipment robustness [11-14].  
 
PLE takes place in a closed vessel at elevated temperatures (50℃ to 200℃) and 
pressures (10 MPa to 40 MPa). The elevated pressure maintains the solvent in a liquid 
state at a high temperature that is above its boiling point, so the solvent has some 
favorable properties for extracting analytes, such as high diffusion coefficients, low 
viscosity and high solvent strength. However, the thermal stability of analytes should 
be considered while operating under higher pressures and temperatures. PLE is fast 
and efficient, and requires only a small amount of solvent, but purchase and 
maintance costs for equipment is very high [12]. 
 
The first use of microwave heating in the laboratory was by Abu-Samra for digesting 
biological samples in 1975 for the analysis of metal [15]. MAE was first applied in 
1986 when Ganzler et al. [16] used it to extract organic compounds from a 
contaminated solid matrix. This process uses microwave energy as a source of heat, to 
increase very quickly the temperature of a solvent in contact with a sample matrix. 
MAE is an efficient and simple extraction process. However, some drawbacks are 
associated with MAE. First, the available extraction solvents for MAE are limited to 
those that can absorb microwave, typically polar solvents and water. The extraction 
efficiency may be very poor when either the solvents or the target analytes are volatile 
or of relatively low polarity are considered, and some thermally unstable analytes may 
also degrade during extraction. Second, the selectivity of MAE is poor. After MAE, 
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sample cleanup, at least a simple filtration or centrifugation step [17], is required to 
remove various co-extracted interferences in order to purify the extracts [18].  
 
Due to these problems, there is a need to improve or develop new sample preparation 
methods, which are fast, less labor-intensive, highly selective, accurate, solventless or 
solvent-miniaturized, cost-effective, and amenable to automation for off-line or 
on-line treatment [4,7].  
 
1.2 Sorptive based microextraction techniques 
1.2.1 Solid-phase microextraction 
Solid phase microextraction (SPME) was first introduced by Arthur and Pawliszyn in 
the early 1990s [19]. It uses a fused silica fiber coated along a length of ca. 1 cm with 
an appropriate stationary phase to extract target analytes from aqueous samples. Since 
it became commercially available in 1993 [20,21], SPME has been widely applied to 
a large variety of compounds, especially volatile and semi-volatile organic 
compounds.  
 
SPME procedure is based on the partition of analytes between the sample and the 
coated fiber. During extraction, SPME can be performed by direct immersion (DI) 
mode, in which the fiber is directly immersed into the sample solution, or headspace 
(HS) mode, in which the fiber is exposed to the headspace of a sample placed in a 
closed vessel. Extraction by DI-SPME is relatively fast since the analytes move from 
5 
the sample solution onto the fiber directly. However, the fiber usually suffers from the 
effects of salts and pH of the sample solution, and also interferences in complex 
sample matrices, which decrease the lifetime of the fiber. This problem can be 
avoided in HS-SPME. In HS-SPME, the fiber is protected from the interferences 
which are non-volatile or of high molecular masses. It is also noted that the analytes 
extracted by HS-SPME should be volatile or semi-volatile in order for them to 
partition to the headspace [22].  
 
In SPME, the selection of fiber coating is essential to the extraction; it should be 
based on the principle of “like dissolves like” and the properties of the analytes. There 
is no universal coating that can extract all kinds of analytes. Different types of 
coatings, including a solid porous sorbent or a high molecular weight polymeric liquid, 
or both, have been developed for SPME. The commonly used commercially available 
sorbents (from nonpolar to highly polar) are: polydimethylsiloxane (PDMS), carboxen 
(CAR)-PDMS, divinylbenzene (DVB)-CAR-PDMS, polyacrylate (PA), PDMS-DVB, 
carbowax (CW)-DVB, and CW-templated resin (TPR). The thickness of the fiber 
coating, usually 7-150 µm [23], determines the surface and volume of the extraction 
phase, thus, the amount of analytes adsorbed.  
 
After extraction, the analytes are desorbed from the fiber into a suitable 
chromatographic system for analysis. Most conveniently, the fiber is directly inserted 
into the injection port of a GC for thermal desorption. In order to analyze thermally 
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labile or weakly volatile analytes which are not amenable to GC, solvent desorption 
has also developed for SPME to couple to an HPLC system [24,25].  
 
Generally, SPME is a simple, sensitive, and solvent free (for coupling to GC) sample 
preparation technique. It combines sampling, extraction and preconcentration in one 
step. Since its introduction, the application of SPME has covered a variety of fields. 
However, there are also some limitations. The carryover effect is the main problem in 
SPME, which is very hard to be eliminated [26]. In addition, the limited commercially 
available fiber coatings, the limited extraction capacity, the fragility and limited 
lifetime of fibers, and the relatively high cost of fibers are considered, in some cases, 
as drawbacks in SPME.  
 
In-tube SPME is another configuration of SPME, initially reported by Eisert and 
Pawliszyn in 1997 [27], in which the stationary phase is immobilized on the interior 
wall of a tube or a capillary, or is packed inside a tube or a capillary, instead of the 
surface of a fiber. In-tube SPME is based on the distribution of analytes between the 
sample solution and the stationary phase. After extraction, the analytes can be 
desorbed by a flow of an approximate mobile phase. In-tube SPME is fast and 
inexpensive, and it can overcome the drawbacks of fibers used in SPME, such as 
fragility and low extraction capacity. In addition, in-tube SPME is suitable for 
convenient automation which provides fast analysis and better precision and accuracy 
compared to manually operated techniques [20]. Moreover, a short length of a 
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capillary GC column coated with a common stationary phase can be used for the 
technique. 
 
1.2.2 Stir bar sorptive extraction 
Stir bar sorptive extraction (SBSE) was introduced by Baltussen et al. in 1999 [28]. A 
1-4 cm magnetic stir bar is coated with a layer of stationary phase, and then is placed 
into an aqueous sample to extract analytes. After extraction, the analytes absorbed on 
SBSE can be desorbed thermally or by solvent [29]. 
 
As its name indicates, SBSE is based on sorptive extraction [30]. In a typical SPME 
PDMS fiber (100 µm thickness coating), the volume of stationary phase is about 0.5 
µL. In SBSE, the thickness of stationary is typically 0.5 to 1 mm, and the volume of 
stationary is 50 to 250 times larger than that of SPME, therefore resulting in higher 
sample capacity, higher extraction efficiency, and better detection sensitivity [31-33]. 
Like SPME, SBSE can be performed by direct immersion in which the stir bar is 
directly added into an aqueous sample solution, or in headspace mode in which the 
stir bar is supported by a special device and placed in the headspace of a solid or 
aqueous sample.  
 
The stir bar can be reused for 20-50 consecutive extractions, depending on the matrix 
[30]. The technique has been applied to environmental, food, and biological samples.  
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However, the limited range of stationary phases is the main drawback of SBSE. Up to 
now, the commercially available coating for stir bars include PDMS, ethylene glycol 
-silicone, and polyacrylate, still a limited range [29]. Also, because of the higher 
sample capacity, solvent desorption in SBSE usually requires more solvent and over a 
longer period of time. 
 
1.2.3 Micro solid-phase extraction 
Basheer et al. [34] reported the first application of micro-solid-phase extraction 
(µ-SPE) in 2006, in which multi-walled carbon nanotubes (MWCNTs) as sorbent held 
in a porous polypropylene membrane envelope (2 cm × 1.5 cm) was used to extract 
organophosporous pesticides from a sewage sludge sample. After extraction, analytes 
were desorbed in organic solvent and analyzed by GC–MS. Good linearity and limits 
of detection were obtained. They [34] reported that no analyte carryover was observed, 
and the µ-SPE device could be used for up to 30 extractions. In subsequent studies, 
the same authors also developed C18 sorbent to extract acidic drugs from wastewater 
[35]. Since then there have additional independent studies of µ-SPE (see below). 
 
In µ-SPE, device tumbles freely in the sample solution, facilitating extraction. The 
porous membrane acts as a filter to prevent the extraction of interferences and afford 
protection of the sorbent. Thus, no further cleanup of the extract is necessary. In 
comparison with conventional SPE, µ-SPE consumes much less organic solvent. 
µ-SPE has also been demonstrated to address some drawbacks associated with SPME, 
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such as fiber fragility, analyte carryover, and relatively high cost.  
 
Since the µ-SPE device consists of the sorbent enclosed in a porous polypropylene 
membrane envelop, its main advantage is that a wider range of different sorbent 
materials can be tailored to the extraction of different analytes. The selection of a 
suitable sorbent is essential to determine the selectivity of the extraction.  
 
Different materials have been employed as sorbent for the µ-SPE of a variety of 
compounds in different samples, such as C18 to extract carbamate pesticides in soil 
samples [36], HayeSep A/C18 sorbent to extract persistent organic pollutants in tissue 
samples [37], ethylsilane modified silica to extract estrogens in ovarian cyst fluid 
samples [38], C2 to extract aldehydes in rainwater [39], hydrazone-based ligands to 
extract biogenic amines in orange juice [40], multiplewalled carbon nanotubes [41] to 
extract PAHs in environmental water samples, hybrid organic-inorganic silica 
monolith to extract sulfonamide residues from milk [42], functionalized fiberglass 
with apolar chains to extract illicit drugs in oral fluids [43], molecularly imprinted 
polymer to extract phenolic compounds in environmental water [44], and graphite 
fiber to extract PAHs from soil sample [45].  
 
1.3 Solvent based microextraction techniques 
1.3.1 Single drop microextraction 
Single drop microextraction (SDME) was first introduced by Liu and Dasgupta [46] 
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in 1996, in which a drop of water-immiscible organic solvent was immersed in a large 
aqueous drop of sample to extract sodium dodecyl sulphate. At the same year, Jeannot 
and Cantwell [47] reported another SDME system by using a Teflon rod to hold a 
droplet of organic solvent in a stirred aqueous solution to extract 
4-methylacetophenone. SDME was further studied and developed by Jeannot and 
Cantwell [48,49], He and Lee [50], and Jager and Andrews [51]. 
 
In SDME, based on passive diffusion [52] and a great reduction of the extractant 
phase-to-sample volume ratio[53], analytes are extracted from an aqueous sample 
solution into a drop of immiscible organic solvent (serving as extraction solvent) 
[49,54,55]. After a certain time of extraction, the analyte-enriched organic solvent 
drop is analyzed.  
 
As a simple, efficient, low cost, and organic solvent-miniaturized method, SDME has 
been widely used for extraction of different compounds. It has several modes, 
including direct immersion (DI)-SDME, headspace (HS)-SDME, continuous flow 
microextraction (CFME), three liquid-liuqid-liquid microextractio (LLLME), and 
drop-to-drop solvent microextraction (DDSME). 
 
In the earliest mode of SDME, the water-immiscible organic solvent drop was held on 
the end of a Teflon rod and suspended in an aqueous sample solution [46,47] for 
extraction. However, the method was inconvenient in operation as the injection and 
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extraction were performed separately using different apparatus. In 1997, Jeannot and 
Cantwell [48] modified the SDME technique, in which a microsyringe was used to 
hold the organic solvent drop instead of a Teflon rod. In the extraction, 1 µL of 
organic solvent drop was suspended at the tip of a microsyringe needle and immersed 
in the aqueous sample solution. After extraction, the organic solvent drop was 
withdrawn into the microsyringe and could be introduced to a GC system for analysis. 
The microsyringe served as both the holder of the organic solvent during extraction as 
well as the sample injector for GC system. Thus, the extraction and the extractant 
injection could be carried out using a device [56]. Jeannot and Cantwell [48] also 
studied DI-SDME kinetics in details with the film theory of convective-diffuse mass 
transfer. The aforementioned modes can be describied as static SDME methods. 
 
SDME was further developed by He and Lee [50] in dynamic mode (which they 
referred to as dynamic LPME), in which the aqueous sample solution was withdrawn 
into the microsyringe barrel, which was preloaded with organic solvent and which 
was enclosed whthin a thin film of organic solvent along the wall when the bulk of the 
organic solvent was moved towards the back of the barrel. In the microsyringe barrel, 
analytes were extracted from the sample solution into the organic solvent film. With 
repeated movement of the plunger of the microsyringe, mass transfer from the sample 
solution into the organic solvent film was very efficient. When the spent aqueous 
sample was expelled, the organic thin film and the bulk organic plug were recombined. 
This cycle was repeated many times in few minutes to afford very efficient extraction. 
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The analyte-enriched organic solvent could be directly injected into a GC system for 
analysis. Compared to static LPME, dynamic SDME featured a higher enrichment 
factor, shorter extraction time, as well as better reproducibility. Dynamic LPME was 
systematically evaluated by the same authors in terms of the extraction parameters [57] 
and improved by using a programmable syringe pump [58]. Subsequently, a 
completely automatical dynamic LPME in combination with GC–MS was developed 
[59]. 
 
In general, a higher stirring speed enhances extraction efficiency. However, in 
DI-SDME a higher stirring speed may lead to the instability of the organic solvent 
drop. In addition, the organic solvent drop may also be instable in a complex sample 
solution. In 2001, Theis et al [60] introduced a new mode of SDME, named 
headspace SDME (HS-SDME). In HS-SDME, the organic solvent drop is held at the 
tip of a microsyringe and suspended in the headspace of an aqueous sample solution. 
After extraction, the analyte-enriched microdrop can be retracted back into the 
microsyringe and analyzed.  
 
HS-SDME is more suitable for the extraction of highly volatile or semi-volatile 
analytes [61]. During the extraction procedure, the analytes are distributed among the 
aqueous sample solution, headspace and the organic solvent drop. Since the diffusion 
coefficient in the gas phase is much greater than that in aqueous phase, mass transfer 
in the headspace is fast, the mass transfer in aqueous phase is therefore the rate 
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determining step in the extraction process. Thus, a higher stirring speed of the 
aqueous sample solution can facilitate mass transfer, accelerating the extraction. Since 
the non-volatile compounds and high molecular weight interfering substances are not 
extracted in the headspace, HS-SDME can occur successfully even when dealing with 
very complex samples. The main drawback of HS-SDME is that only limited organic 
solvents can be used in this method because they should have low vapor pressures to 
prevent loss by evaporation. 
 
Usually, in terms of extraction speed and precision, HS-SDME is similar to that of 
HS-SPME [62]. However, HS-SDME has two advantages. Firstly, HS-SDME is more 
cost-effective, since the cost of solvent is much less than that of commercial SPME 
fibers. Secondly, the choice of organic solvents for HS-SDME is wider than the 
sorbent phases available for SPME. 
 
In recent years, HS-SDME continued to undergo interesting development. Shen and 
Lee [63] developed dynamic HS-SDME, which increases significantly the extraction 
efficiency. Saraji [64] modified dynamic HS-SDME to a semiautomatic mode to 
achieve greater reproducibility. Zhang et al [65] proposed an HS-SDME procedure 
combining extraction and derivatization in a single step. In a report by Zhang et al 
[66], organic solvent free HS-SDME was carried out to extract ionizable analytes 
using a drop of sodium hydroxide aqueous solution as extraction solvent. After 
extraction the acceptor phase was injected into a capillary electrophoresis system for 
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analysis. Other studies using an aqueous drop as acceptor phase were reported by 
Chamsaz et al [67] and Bendicho [68-70].  
 
Continuous-flow microextraction (CFME) was first introduced by Liu and Lee in 
2000 and represented the first attempt to automate SDME [71]. In CFME, an aqueous 
sample solution was continuously pumped into an extraction chamber via a 
polyetheretherketone (PEEK) tubing terminating at the centre of the chamber. When 
the chamber was filled with the sample solution, a water-immiscible organic drop 
(extraction solvent) was injected into the sample stream via a conventional HPLC 
injection valve. After emerging from the outlet of the PEEK tubing, the drop remained 
attached at that location. The sample solution flowed continuously around the drop 
and analyte extraction took place continuously. With increased flow rate of the sample 
solution, through the PEEK tubing, the rate of extraction increased due to the decrease 
of thickness of the Nernst diffusion films [53,61]. After extraction, the solvent drop 
could be collected by a microsyringe and injected into a GC system for analysis. High 
enrichment factors could be achieved by CFME. In Liu and Lee’s study [71], 
enrichment factors in range of 260 to 1600 were reported for nitroaromatics and 
chlorobenzenes. 
 
A modified CFME mode was developed by Xia et al. [72,73], called cycle-flow 
microextraction. The re-circulation of sample solution allowed a reduced sample size 
and avoided the possibility of running the sample dry.  
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In its various modes, CFME has been used for the extraction of different classes of 
compounds, including polycyclic aromatic hydrocarbons (PAHs), phthalate esters 
(PEs), p-toluidine, and pesticides, etc [74-79].  
 
Three-phase SDME was first reported by Ma and Cantwell [80]. In this method, 
analytes were first extracted from the aqueous sample solution into an organic solvent 
membrane confined inside the Teflon ring over the sample solution, and 
simultaneously back-extracted into an aqueous microdrop suspended inside the 
organic solvent membrane. After extraction, the analyte-enriched aqueous microdrop 
could be collected using a microsyringe and was directly injected into an HPLC 
system for analysis. 
 
In three-phase SDME, the organic solvent should be immiscible with water and 
should have significantly higher solubility for analytes in their neutral (non-ionic) 
forms. In the extraction procedure, the pH of the aqueous sample solution should be 
adjusted to obtain the neutral or lipophilic form of analytes to ensure their extraction 
by the organic solvent. The pH of the aqueous microdrop should likewise be adjusted 
to ionize the analytes and ensure their extraction from the organic solvent. After 
extraction, the final extract is in a form suitable for HPLC, CE or the techniques 
mentioned above [52]. Several applications have been reported using three-phase 
SDME [81-87].  
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SDME provides a simple, fast and low cost extraction method. However, its main 
drawback is the instability of the droplet at high stirring speed or in a complex sample 
solution (in which case SDME cannot be conducted). Thus, when SDME is used in a 
“dirty” sample, an extra clean-up step (usually, filtration) is necessary prior to the 
extraction. 
 
1.3.2 Hollow fiber protected liquid-phase microextraction 
An improvement in SDME to overcome its main drawback, the instability of the 
droplet was reported in 1999 by Pedersen-Bjergaard and Rasmussen [88] who 
introduced hollow fiber liquid-phase microextraction (HF-LPME).  
 
In HF-LPME, the extraction solvent is held in the lumen (channel) of a porous hollow 
fiber, typically made of polypropylene (PP) which has high compatibility for 
commonly used organic solvents which are immobilized in the pores of the wall to 
form supported liquid membranes (SLMs) [89]. The organic solvent in the pores of 
hollow fiber is held by capillary forces [61].  
 
During extraction, the analytes are extracted from the aqueous sample solution 
(commonly referred to as donor phase) into an organic solvent layer (the SLM), and 
then further (back-) extracted into the final solvent (known as acceptor phase) in the 
lumen of the hollow fiber. After extraction, the extract is withdrawn into the 
microsyringe and injected into a chromatographic system for analysis.  
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Since the extraction solvent is protected by the hollow fiber and is not in contact with 
the sample solution, a higher stirring speed can be applied to speed up the extraction 
without loss of the solvent. The pores on the wall of the PP hollow fiber can act as a 
filter to prevent high molecular weight interferences from being extracted. Therefore, 
HF-LPME is especially suitable for extraction from a complex sample. 
 
Two-phase HF-LPME was developed by Rasmussen et al [90]. In this method, the 
analytes are extracted from an aqueous sample solution into an organic solvent, which 
may be the same to the organic solvent immobilized in the pores [89]. Since the 
extract is an organic solvent, it is compatible with GC, while evaporation and 
reconstitution of the extract is required for CE or HPLC analysis. This mode of 
HF-LPME is suitable for extracting hydrophobic analytes with significant solubility in 
organic solvent than water. 
 
By using a syringe pump, dynamic two-phase HF-LPME can be performed [91-92]. 
During the extraction, a small amount of aqueous sample solution is withdrawn into 
the fiber, where the analytes are extracted from the sample segment into a thin film of 
extraction solvent formed on the inner wall of the fiber, as the organic solvent is 
simultaneously withdrawn from the fiber, and when the sample solution is expelled 
from the hollow fiber, the thin film (now with analytes) recombines with the bulk of 
the extraction solvent. Such an extraction cycle is repeated many times. Compared to 
static two-phase HF-LPME, higher extraction efficiency is obtained using this 
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dynamic mode.  
 
For the extraction of semi-volatile analytes from soil samples, Jiang and Lee [93] 
developed dynamic headspace two-phase HF-LPME. In this technique, the organic 
solvent was held in a hollow fiber which was suspended in the headspace instead of 
immersing it in the sample solution. During the extraction, an organic solvent film is 
formed within the hollow fiber and served as the extraction interface. Good analyte 
enrichment factors and limits of detection were achieved for the PAHs. 
 
Based on gas diffusion across a porous membrane [94], Zhang and Lee [95] 
developed liquid-gas-liquid microextraction of phenols from water samples. In this 
technique, the analytes were extracted from aqueous sample solution into the aqueous 
acceptor solution held in the lumen of a hollow fiber; the wall pores were left unfilled. 
Analytes were extracted via gaseous diffusion through the fiber wall. The procedure 
was totally organic solvent-free.  
 
In HF-LPME, except for liquid-gas-liquid HF-LPME, the selection of organic solvent 
used as the SLM is critical important since it acts as an intermediary solvent for 
anlayte transfer from the sample to the acceptor phase. The solvent should meet 
several criteria: (1) it should be compatible with the hollow fiber materials (typically, 
PP), so that it can be easily and securely immobilized in the pores; (2) the target 
analytes should have high solubility in it; (3) it should have a low solubility in water 
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to minimize its dissolution during extraction; (4) it should also have relatively low 
volatility to prevent evaporation loss during extraction. The typical organic solvents 
used as SLM for three-phase HF-LPME are 1-octanol and dihexyl ether, and for 
two-phase HF-LPME, 1-octanol [89].  
 
In comparison with SDME, HF-LPME ensures the stability of organic solvent under 
high stirring speed, and permits much longer extraction times, and allows relatively 
higher extraction temperatures (if necessary). In addition, since the hollow fiber can 
act as a filter, the HF-LPME method maintains a clean acceptor phase, even in the 
presence of very complex matrices. HF-LPME is a simple, cost-effective, and 
efficient extraction method. 
 
Pedersen-Bjergaard and Rasmussen’s original work on the use of hollow fiber in 
LPME was actually the first report on three-phase HF-LPME [88]. In the method, the 
analytes are extracted from an aqueous sample solution into an SLM immobilized in 
the pores of the hollow fiber, and further into another aqueous solution held in the 
lumen of the hollow fiber. Since the extract is an aqueous solution, it is compatible 
with HPLC and CE. Three-phase HF-LPME is suitable for extracting acidic or basic 
analytes. For instance, during an extraction of basic analytes, the sample solution 
should be adjusted to be basic to ensure the analytes are in their unionized form, 
suitable for extraction into the SLM, while the acceptor solution should be acidic to 
avoid their re-extraction into the SLM.  
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Hou and Lee [96] improved on the three-phase HF-LPME by developing a dynamic 
mode for it. The extraction process of three-phase HF-LPME is similar to that of 
two-phase HL-LPME. This dynamic mode speeds up the mass transfer rate and 
improves the extraction efficiency.  
 
Wen and Lee [97] developed a highly efficient three-phase HF-LPME method for the 
extraction of anti-inflammatory drugs. By synergy of two separate three-phase 
HF-LPME steps, high enrichment factor (up to 15000 fold) was obtained. 
 
Three-phase LPME has been widely used the extraction of different compounds 
[98-100]. This method exhibits good extraction efficiency and compatibility to HPLC 
and CE analysis. 
 
1.3.3 Solvent bar microextraction 
A variation of HF-LPME, solvent bar microextraction (SBME) was developed by 
Jiang and Lee [101]. In SBME, the organic solvent is enclosed in a short piece of 
hollow fiber, both ends of which are heat-sealed to form a bar. During the extraction, 
the solvent bar can move and tumble freely in the sample solution under stirring. 
Compared to conventional HF-LPME, the movement of the solvent bar facilitates the 
contact of the solvent bar with sample, thereby expedites analyte transfer from the 
sample solution to the organic solvent, and resulting in high extraction efficiency.  
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Melwanki and Huang [102] subsequently developed three-phase SBME. This is 
similar to three-phase HF-LPME, including simultaneous extraction and 
back-extraction of analytes from the sample solution, across an SLM immobilized in 
the pores of the hollow fiber, and further into the acceptor phase. Using four 
chlorophenoxyacetic acid herbicides as target analytes, this method gave good 
enrichment factors of up to 553.   
 
In Xu and Lee’s work [103], SBME was developed further, in which the acceptor 
solvent was immobilized in a silica monolith instead of a polypropylene hollow fiber. 
Due to the porous nature of the monolith, the acceptor solvent could be easily held in 
the material. This interesting SBME mode showed good extraction for PAHs in water 
samples.  
 
Since its introduction, SBME has been used for the extraction of various compounds 
[102-106]. 
 
1.3.4 Solidified floating organic drop microextraction 
Solidified floating organic drop microextraction (SFODME) was first introduced in 
2007 [107]. In this method, an organic solvent (extraction solvent) with melting point 
close to room temperature is delivered to the surface of the sample solution which is 
being stirred. SFODME, like other microextraction modes, is based on equilibrium; 
the extraction recovery is determined by the solvent volume, the sample volume, and 
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the partition coefficient [52]. After extraction, the sample vial is placed in an ice bath 
to freeze the organic solvent. The solidified organic solvent is retrieved and 
transferred into a suitable small-volume vial; it melts and the extract is then injected 
into a chromatographic system for analysis.  
 
In order to carry out SFODME, apart from its melting point requirement, the 
extraction solvent should have lower density than water, and must be, obviously, 
immiscible with water. 1-Dodecanol and 1-undecanol has been used. SFODME 
possesses high recovery and enrichment, and simplicity of operation, and there have 
been a few reported applications based on it [108-113].  
 
1.3.5 Dispersive liquid-liquid microextraction 
In 2006, Rezaee et al [114] introduced a rapid LPME method, dispersive liquid-liquid 
microextraction (DLLME). In the extraction procedure, a mixture of 
tetrachloroethylene (extraction solvent) and acetone (dispersive solvent) was rapidly 
injected into the aqueous sample solution to form an emulsion. In emulsion, the 
extraction of analytes into the tetrachloroethylene occurred very rapidly. After 
extraction, the extract was sedimented at the bottom of the conical test tube by 
centrifugation, and was analyzed by GC. Using PAHs as target analytes, the method 
demonstrated high enrichment factors (from 603 to 1113).  
 
As with other extraction methods, the solvent is a critical parameter. It should have 
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high extraction capability for analytes, low solubility in the aqueous phase, and good 
chromatographic performance [115]. In addition, the extraction solvent should have a 
higher density than water so that it can be sedimented at the bottom of the extraction 
vessel after centrifugation. Typically, chlorinated solvents have these characteristics 
[116]. In DLLME, the dispersive solvent is also a critical-factor in the extraction, 
which affects the dispersion of the extraction solvent, the size and distribution of the 
droplets of extraction solvent, and the emulsion viscosity [53]. The dispersive solvent 
should be highly miscible with both the aqueous phase and the extraction solvent, 
typically methanol, acetone, acetonitrile, or ethanol. When the mixture of extraction 
solvent and dispersive solvent is rapidly injected into the aqueous phase, an emulsion 
is formed. In the emulsion, the extraction solvent is dispersed throughout the sample 
solution in the form of very fine droplets. The surface area between the extraction 
solvent droplets and the sample solution is infinitely large, and therefore this 
facilitates the transfer of analytes from the sample solution to the extraction solvent 
droplets, thus speeding up the extraction. The extraction time is very short; this is the 
main feature of this technique. Centrifugation breaks up the emulsion, and the 
extraction solvent is sedimented at the bottom of the extraction vessel (usually a 
conical tube). It can be easily collected, and analyzed by GC, HPLC, or atomic 
absorption spectrometry (AAS). 
 
Featuring rapidity, simplicity, high enrichment factor, low cost, and low sample 
volume required, since its inception, DLLME has been applied to a wide range of 
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analytes [117-129]. However, the use of chlorinated solvents, that are highly 
hazardous, is one of the main disadvantages of DLLME. 
 
Huang et al [130] developed an interesting configuration of DLLME based on the 
solidification freezing of floating organic drop (DLLME-SFO) (see section 1.3.4). In 
this method, 2-dodecanol, with a melting point near room temperature, was used as 
the extraction solvent. After centrifugation, the 2-dodecanol droplets, floating at the 
top of the solution, which were cooled in an ice bath, were solidified and could be 
easily collected. This method employed 2-dodecanol as extraction solvent. This 
method is also applied to the extraction of other compounds [131-138]. 
 
Another innovative configuration of DLLME, ultrasound-assisted emulsification 
microextraction (USAEME), was developed by Garcia-Jares et al [139]. With the 
assistance of ultrasound, the extraction solvent is dispersed into the aqueous sample 
solution to form an emulsion. After extraction, the emulsion phase can be separated 
into two phases by centrifugation. In USAEME, no dispersive solvent is required, the 
main advantage of this technique. There have been several publications on USAEME 
[140-147]. 
 
Recently, ionic liquids (ILs), often considered (wrongly or correctly) as green solvents, 
have been used in DLLME [148-152]. In these approaches, the ILs are dispersed into 
sample solutions by temperature controlled dissolution under a higher temperature. 
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The ILs are completly dissolved in the sample, facilitating the migration of analytes. 
Thereafter, the temperature is lowered, to give a turbid solution comprising of two 
phases. After centrifugation, the layers are separated, with the IL part containing the 
analytes. This technique has been applied to a range of compounds, including PAHs, 
PEs, pyrethroid pesticides, inorganic selenium species, and nitrite ion, etc [147, 
153-158].  
 
Currently, DLLME is mainly applied to water samples, and for more complex 
samples, further clean up or extra extraction steps are needed.  
 
1.3.6 Electro membrane extraction 
Electro membrane extraction (EME) was first introduced by Pedersen-Bjergaard et al 
[159]. In this study, basic drugs (pethidine, methadone, loperamide, haloperidol, and 
nortriptyline) were extracted from aqueous sample solution (donor phase), across a 
2-nitrophenyl octyl ether layer (serving as the SLM) immobilized in the pores of a 
polypropylene hollow fiber, and further into a 10 mmol L-1 HCl solution (acceptor 
phase) held in the lumen of the hollow fiber under the driving force of electrical 
potential. Both donor phase and acceptor phase were made acidic to ensure the 
analytes were in their ionic forms. To enable the extraction, the positive electrode was 
placed in the donor phase, while the negative electrode was place in the acceptor 
phase in the hollow fiber. Under a voltage of 300 V, the protonated analytes were 
extracted from the donor phase into the acceptor phase, via the SLM within 5 min. 
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After extraction, the aqueous acceptor phase was injected into a CE system for 
analysis. Pedersen-Bjergaard et al [160] have extended this method for the extraction 
of 11 acidic analytes from alkaline solutions using 1-heptanol as SLM and another 
alkaline solution as acceptor phase. 
 
Based on Nernst-Plank equation, Gjelstad et al [161] developed a theoretical model 
for EME and concluded that the parameters essential to EME are electrical potential, 
the ion balance, the temperature, and the ion concentration in the acceptor phase. 
These parameters were studied in detail by Pedersen-Bjergaard et al in further studies 
[162-164]. In EME, the main driving force of analyte migration is electrical potential; 
therefore EME is more efficient for the extraction of polar analytes, particularly 
charged ones [165]. Since analyte migration was effectively enhanced under the 
electrical potential, the equilibrium time is much shorter [166,167], compared to other 
microextraction techniques. There has been a growing pool of EME applications 
[166,168-172]. 
 
1.4 Objectives of this work 
The microscale approach to sample preparation is less labor-intensive, simple, highly 
selective, efficient, and most important, organic solvent free or organic 
solvent-minimized. In relation to the volume of sample, only a very small amount of 
extraction solvent is used. 
 
27 
Microextraction techniques are still evolving. Further evaluation of the applicability 
of these procedures is necessary. Furthermore, more studies are needed in the 
combination of derivatization techniques with sample preparation methods to afford 
simple and effective methods for the determination of thermal labile or polar 
compounds by GC, to expand the usability of these techniques. In addition,it is 
important to continue to develop such methods to drive down limits of detection for 
trace analysis, and enable greater ruggedness and robustness of the procedures. 
The main objectives of the present research are to develop methodologies of 
microextraction including combining them to exploit their synergism and to expand 
their applicability. 
 
In the first part of this work, SBME was further investigated. In Chapter 2, one step 
SBME combined simultaneously with derivatization was developed and applied to 
determine pharmaceutically active compounds in water. In this procedure, the analytes 
could be extracted and derivatized simultaneously, avoiding an extra derivatization 
step.  
 
Furthermore, in Chapter 3, an ionic liquid was used in a three-phase 
(liquid-liquid-liquid) SBME approach. The ionic liquid, 1-butyl-3-methylimidazolium 
hexafluorophosphate ([BMIM][PF6]), was used as the intermediary solvent for 
LLL-SBME. Due to the higher affinity to polar analytes of the ionic liquid, this 
method showed high extraction efficiency for phenols. The method is 
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environmentally friendly since it is totally organic solvent free. 
 
In the second part of the present study, several novel low-density solvent based 
DLLME methods were developed. These open up new avenue for DLLME 
appalicability. By employing a flexible polymeric Pasteur pipette as extraction vessel, 
low-density solvents could be conveniently used as extraction solvents, extending the 
range of suitable solvents for DLLME, and overcoming the limitation of high-density 
solvents typically used in the conventional modes of this procedure. 
 
In Chapter 4, low-density solvent based USAEME combined with on-column 
derivatization was developed and applied to the determination of carbamate pesticides 
in environmental water samples. A Pasteur pipette was used as the extraction vessel. 
No dispersive solvent was necessary since ultrasounication was used to form the 
emulsion. The extract was combined with a derivatization reagent and directly 
injected into a GC–MS system for on-column derivatization and analysis. 
 
In a follow-up procedure (Chapter 5), under the dispersive liquid extraction portion of 
the work, the synergy between EME and low-density solvent based USAEME was 
exploited to develop a combined EME-low density solvent-USAEME approach for 
chlorophenols. The method can be used for complex samples, since in EME the 
membrane containing the extraction solvent can act as a filter to prevent the 
co-extraction of matrix interferences. The second USAEME step provides further 
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preconcentration of the analytes. The extraction procedure was then followed by 
on-column derivatization for GC–MS analysis.  
 
Finally, in low-density solvent-based solvent demulsificatin DLLME (Chapter 6), a 
mixture of extraction solvent and dispersive solvent was injected into the aqueous 
sample solution to form an emulsion in the normal DLLME way. However, a 
demulsification solvent was then injected into the aqueous solution to break up the 
emulsion, which conveniently and spontaneously separated into two layers. The upper 
layer was collected and analyzed by GC–MS. No centrifugation, as in conventional 
DLLME, was required. This method has the potential to be conducted in the field. 
 
The final part of the work described in this thesis was concerned with multiwwalled 
carbon nanotubes (MWCNTs) used as sorbent in µ-SPE. In this investigation, owing 
to their strong affinity for aromatic compounds, MWCNTs demonstrated high 








Chapter 2. One Step Solvent Bar Microextraction and Derivatization Followed 
by Gas Chromatography–Mass Spectrometry for the Determination of 
Pharmaceutically Active Compounds in Drain Water Samples 
 
2.1 Introduction 
Pharmaceuticals are commonly and widely used to treat human illnesses. 
Subsequently, a large quantity of pharmaceutically active compounds (PhACs) and 
their metabolites have entered the aquatic environment mainly through human waste, 
with some also being discharged during drug manufacturing processes [173-175]. In 
past years, these compounds have been found in various environmental water matrices 
[176-178]. Even at relatively low concentrations (ng/L to µg/L range) [174,179,180], 
PhACs may represent potential risks to aquatic life and human health. Hence, it is 
important and necessary to develop reliable and sensitive analytical methods for the 
determination of these compounds at trace levels in environmental aqueous matrices. 
 
High performance liquid chromatography (HPLC) combined with mass spectrometry 
(MS) [174,175,181,182], diode array detection (DAD) [183,184] or ultraviolet 
detection (UV) [185,186], has been the primary method for the determination of 
PhACs in environmental aqueous samples. However, LC–MS may suffer from matrix 
effects in the form of co-extractive components in the extract, leading to signal 
suppression and/or enhancement in ESI, and signal enhancement in APCI [179,186], 
reduced reproducibility, and relatively high limits of detection [187]. Moreover, 
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LC-MS is still a relatively expensive instrument. In addition, if the extractant of the 
target analytes are not compatible with the mobile phase, an extra step of evaporation 
and reconstitution is needed [180], further complicating the analytical procedure. 
 
Featuring high selectivity and sensitivity, as well as easy operation and low cost, gas 
chromatography (GC)–MS has also been widely used in the determination of PhACs 
in aqueous environment samples [173,179,180,188-190].  
 
Due to their high polarity, PhACs are usually derivatized to reduce their polarity and 
improve their thermal stability, and volatility to obtain good GC performance. 
N-(tert-butyldimethylsilyl)-N-methyl-trifluoroacetamide (MTBSTFA) 
[176,177,179,190], N-methyl-N-(trimethylsilyl) trifluoroacetamide (MSTFA) [191], 
and bis(trimethylsily) trifluoroacetamide (BSTFA) [178,192,193] are the most 
commonly used derivatization reagents for PhACs containing hydroxyl or carboxyl 
functional groups [176,178,194]. MTBSTFA form tert-butyldimethylsilyl (TBDMS) 
derivatives, which improve MS detection and chromatographic performance due to 
their high thermal and hydrolytic stability [177,195]. 
 
In the determination of PhACs in environmental matrices, a sample preconcentration 
step is usually required to obtain good selectivity and low limits of detection in the 
subsequent chromatographic analysis. SPE [178,179,181,196] and LLE [197] are 
conventionally employed as preconcentration methods for PhAC determination. 
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However, both SPE and LLE require moderately to large amounts of organic solvents, 
and may involve multiple steps. 
 
Solvent-minimized environmentally friendly sample preparation methods have been 
developed to address these disadvantages. As a solvent free method, SPME combines 
extraction and pre-concentration in a single step and has been widely used for various 
compounds [184,188]. However, SPME suffers from analyte carry over and limited 
fiber lifetimes, especially if used in the direct immersion mode [198]. LPME, a 
miniaturized analogue of LLE, has been widely used in various modes, such as 
SDME [66], HF-LPME [180], dynamic HF-LPME [91,173,185], LLLME [97,175], 
SBME [101,198], and EME [160,183]. Developed by Jiang and Lee [101], SBME 
was demonstrated to be a high efficient extraction method. 
 
In this work, a novel method combining SBME and derivatization in one-step, with 
GC–MS analysis was developed for the determination of PhACs in drain water 
samples. In this procedure, derivatization reagent was directly added in the acceptor 
phase so that the analytes were derivatized simultaneously when they were extracted 
from the aqueous sample solution into the acceptor phase in the lumen of the solvent 
bar, which avoids the extra derivatization step and simplifies the extraction procedure. 
Under the most favorable conditions, the approach was applied to determine six 




2.2.1 Chemicals and materials 
Six PhACs, naproxen, ibuprofen, ketoprofen, propranolol, diclofenac, and alprenolol 
were purchased from Sigma-Aldrich (St. Louis, MO, USA). Their structures are 
shown in Table 2-1. 
 
Table 2-1 Chemical structures of PhACs considered in this study. 
Analyte  CAS number  Structure 












































N-(tert-butyldimethylsilyl)-N-methyl-trifluoroacetamide (MTBSTFA) (97%) was 
bought from Sigma-Aldrich (Buchs, CH, Switzerland). HPLC-grade acetone, 
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methanol, ethyl acetate, and n-hexane were purchased from Tedia Company (Fairfield, 
OH, USA). 1-Octanol and hydrochloric acid were bought from Merck (Darmstadt, 
Germany) while toluene and octane were from Fisher (Loughborough, UK). Sodium 
hydroxide (NaOH) was from Chemicon (Temecula, CA, USA). Ultrapure water was 
produced on a Nanopure water purification system (Barnstead, Dubuque, IA, USA). A 
magnetic stirrer plate was purchased from Heidolph (Kelheim, Germany). 
 
2.2.2 Apparatus and instrumentation 
The Q 3/2 Accurel polypropylene hollow fiber (tubular type) was purchased from 
Membrana (Wuppertal, Germany). The inner diameter of the hollow fiber was 600 µm, 
the thickness of the wall was 200 µm, and the wall pore size was 0.2 µm. The hollow 
fiber was ultrasonically cleaned in HPLC-grade acetone and dried in air before use. It 
was cut into 2.80 cm segments for subsequent experiments. 
 
The commercial SPME holder for manual use and polydimethylsiloxane (PDMS) 
fibers (100-µm film thickness) were obtained from Supelco (Bellefonte, PA, USA). 
Prior to use, the fibers were conditioned in the GC injector port at 250 °C for 30 min 
according to the instructions suggested by the supplier. 
 
A microsyringe (10 µL) with a cone needle tip (SGE, Sydney, Australia) was used for 
filling the hollow fiber membrane with acceptor solution. A microsyringe with a 
flat-cut needle tip (Hamilton, Reno, NV, USA) was used for drawing out 
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analyte-enriched acceptor solution from the hollow fiber membrane after extraction. 
 
2.2.3 GC–MS analysis 
Sample analyses were carried out on a Shimadzu (Kyoto, Japan) QP2010 GC–MS 
system equipped with a Shimadzu AOC-20i auto sampler and a DB-5 MS (J&W 
Scientific, Folsom, CA, USA) fused silica capillary column (30 m × 0.25 mm internal 
diameter (i.d.), 0.25 µm film thickness). Helium (purity 99.9999%) was employed as 
the carrier gas at a flow rate of 1.7 mL/min. Samples were injected in splitless mode. 
The injector temperature was 300 °C and the interface temperature was 280 °C. The 
GC oven was initially held at 80 °C for 0.5 min, and programmed to 250 °C at 10 
°C/min and held for 1 min. Finally, it was programmed to 300 °C at 20 °C/min and 
held for 3 min. The solvent cut time was 6 min. The derivatives of PhACs were 
analyzed in selective ion monitoring (SIM) mode for quantitative determination. The 
monitored ions of the derivatives were selected based on the good selectivity and high 
sensitivity, and were set as follows: ibuprofen, m/z 263, 161; alprenolol, m/z 72, 205, 
306; naproxen, m/z 287, 185; propranolol, m/z 72; ketoprofen, m/z 311, 295, 267; and 
diclofenac, m/z 352, 354, 214, and 409. All the experiments were performed in 
triplicate. 
 
2.2.4 Sample preparation 
A stock standard solution (1000 mg/L of each analyte) was prepared with methanol 
and stored in the refrigerator at 4 ℃. External calibration was use for quantification of 
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the analytes, where a series of standard solutions was prepared by diluting the stock 
solution and analyzing with GC–MS to obtain linear calibration plots for each analyte 
based on the chromatographic peak areas. Water samples were prepared by spiking 
ultrapure water with analytes at known concentrations to study extraction 
performance and evaluate the extraction conditions as indicated in the individual 
experiments.  
 
Drain water samples were collected from a drain in the university campus into 
pre-cleaned glass bottles. All collected samples were transported to the laboratory 
immediately, and stored in the refrigerator at 4 ℃ until use. To avoid the possible loss 
of target analytes, the samples were extracted and analyzed without any prior 
treatment or filtration. 
 
2.2.5 SBME with derivatization 
To prepare the solvent bar, the hollow fiber was manually and carefully cut into 
2.8-cm segments. One end of the hollow fiber was heat-sealed. A suitable volume of 
acceptor phase (added with suitable ratio of derivatization reagent) was withdrawn 
into a 10-µL microsyringe with the cone needle tip. The needle tip was carefully 
inserted into the open end of the hollow fiber, and the mixture was introduced into the 
lumen of the fiber. Then the fiber was carefully removed from the needle, and its open 
end was heat-sealed. The fiber formed a solvent bar with two sealed ends. No leakage 
was observed when heat-sealing the fiber. 
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The solvent bar was immersed in the organic solvent for about 25 s to impregnate the 
wall pores of the hollow fiber, then was placed in the sample solution for extraction 
under stirring at 700 rpm. After a prescribed time of extraction, the solvent bar was 
retrieved with a pair of tweezers. One end of the solvent bar was trimmed off with a 
sharp blade, and the analyte-enriched extractant was carefully withdrawn into a 
microsyringe. Finally, a 1-µL aliquot of the extractant was directly injected into the 
GC–MS system for analysis. The used fiber was discarded, and a fresh one was used 
for the next extraction. 
 
2.2.6 Conventional HF-LPME with derivatization 
Briefly, the hollow fiber was cut into 2.80 cm segments and cleaned ultrasonically in 
acetone and dried in air, and then one end was heat-sealed. A suitable volume of 
acceptor phase (together with a suitable amount of derivatization reagent) was 
introduced into the lumen of the hollow fiber using a 10-µL microsyringe with a cone 
tip needle. The fiber was immersed in 1-octanol for 25 s to impregnate its pores of the 
wall. Then, the fiber with the microsyringe was placed in a 10 mL of sample solution 
for extraction for 40 min. After extraction, the hollow fiber-syringe assembly was 
removed from the sample solution. The extractant was carefully withdrawn into the 
syringe and subsequently, 1 µL of the extractant was directly injected into the GC–MS 




2.2.7 SPME with derivatization 
SPME was carried out using a manual SPME device with a PDMS coating (100 µm 
thickness). A 15 mL vial was filled with 10 mL sample solution. The fiber was 
immersed in the sample solution for 60 min extraction under magnetic stirring (700 
rpm). After extraction, the SPME fiber was placed in the headspace of a 1.5 mL GC 
autosampler vial containing MTBSTFA for derivatization for 20 min. For GC–MS 
analysis, thermal desorption was carried out at the temperature of 280 ℃ for 3 min. 
Blank desorptions were carried out periodically to confirm that there was no 
contamination or carryover effect.  
 
2.3 Results and discussion 
2.3.1 Principle of SBME 
Based on the Whitman two-film [101,199] model, in the SBME procedure the 




−−=                             (1) 
where, Co,t and Co,eq are the concentration of analytes in the organic phase at time t 










Ak β                            (2) 
where Ai is the interface area, βT is the overall mass transfer coefficient with respect 
to the organic phase, K is the distribution coefficient, Vo is the volume of organic 
solvent in the solvent bar, and Vaq is the volume of sample solution. 
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It can be seen from equation (2) that fast extraction depends on the maximum of the 
ratio of Ai to Vo and βT. 
and, the mass transfer coefficient (βT ) is given by [47]: 
aqoT βββ
111 +=                                (3) 
where βT is the overall mass transfer coefficient, βo and βaq are the mass transfer 
coefficients for the organic phase in the solvent bar and aqueous phase in the sample 
solution, respectively. 
 










δβ =                       (4) 
According to Whitman film theory, stirring can decrease the film thickness (δ), so that 
the mass transfer coefficient (β) will increase with increasing stirring speed. 
 
In SBME, under agitation both the solution and the solvent bar undergo movement, so 
that both βo and βaq increase. Thus βT will be enhanced. According to eq (2), k is 
proportional to βT. Therefore, extraction efficiency is increased compared to that of 
HF-LPME. 
 
2.3.2 Comparative studies 
SBME was compared with HF-LPME and SPME. As shown in Fig. 2-1, the peak 
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Figure 2-1 Comparison of SPME, SBME, and HF-LPME. 
 
Compared to HF-LPME, the extraction efficiency of SBME was better. Both the 
movement of sample solution and solvent bar facilitate the contact of the solvent bar 
with the sample, thereby accelerating the analytes transfer from the sample solution to 
the organic solvent. 
 
This can also be explained by the eq (3) 1/βT=1/βo+1/βaq, and eq (4) βo=Do/δo and 
βaq=Daq/δaq discussed in section 3.2. For SBME, under the agitation, both βO and βaq 
increased with the decrease of the thickness of diffusion film in the sample solution 
(δaq) and the thickness of diffusion film of the organic solvent in the solvent bar (δo), 
thus, improving the extraction efficiency. However, for HF-LPME, only βaq increases 
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with the decrease of the diffusion film in the sample solution (δaq). 
 
Based on the comparable extraction efficiency with SPME, the extraction time for 
SBME with derivatization was only 20 min, much less than that of SPME with 
derivatization (60 min extraction + 20 min derivatization). In addition, compared to 
the SPME fiber, which was much expensive and fragile, and could potentially suffer 
from carry-over effects if special precautions were not taken, the solvent bar was 
cost-effective and was not affected by carry-over since such was used only once. 
 
2.3.3 Derivatization 
2.3.3.1 Derivatization reagent 
In the present work, PhACs were derivatized to enhance their volatility and improve 
chromatographic performance (preventing peak tailing) in the GC–MS analysis. The 
derivatization reaction with MTBSTFA forms the tert-butyldimethylsilyl (TBDMS) 
derivatives. The molecular ions of TBDMS derivatives are relatively weak or absent; 
however, the parent compounds are characterized by having [M-57]+ ions which are 
dominant  with electron impact ionization mass spectrometry (EI-MS) [189,200]. In 
this study, except for the TBDMS derivatives of alprenolol and propranolol, the 
[M-57]+ ions were the base peaks in the EI-MS for all other TBDMS derivatives, 
which favor the quantitative measurement of the PhACs under SIM mode. In addition, 
the TBDMS derivatives were thermally stable and resistant to hydrolysis [176,177].  
 
42 
2.3.3.2 Volume ratio of derivatization reagent 
The volume of MTBSTFA added was the key factor affecting the derivatization. 
Different volume ratios of organic solvent:MTBSTFA (5:1, 2:1, 1:1, 1:2, and 1:5) 





















Figure 2-2 Effect of organic solvent:MTBSTFA ratios on extraction. 
 
The peak areas of ibuprofen showed no significant increase with the increase of 
MTBSTFA ratios from 5:1 to 1:1. For the other five analytes, lower peak areas were 
observed at a lower proportion of MTBSTFA of 5:1, possibly indicating incomplete 
derivatization, especially for propranolol, of which the peak area was very low. With 
the organic solvent:MTBSTFA ratio increased from 5:1 to 2:1, the peak areas of these 
five analytes increased, and reached the maxima at an organic solvent:MTBSTFA 
ratio of 1:1. When the ratios were changed from 1:1 to 1:5, the peak areas for all 
analytes decreased, showing the reduced sensitivity for the analytes as well as poor 
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GC resolution, as previously observed [200]. This could be explained by the fact that 
the GC stationary phase was affected negatively under a higher proportion of 
MTBSTFA due to the derivatization of the siloxane group [166]. Thus, the 
derivatization was carried out at an organic solvent:MTBSTFA ratio of 1:1 for 
subsequent experiments. 
 
2.3.3.3 Derivatization time and temperature 
The derivatization times of 5, 10, 20, 30, 60, and 120 min were studied at the most 
favarable organic solvent:MTBSTFA ratio (1:1). The results (data not shown) 
indicated that the prolonged time of derivatization had no significant influence on the 
peak areas. Therefore, a derivatization time of 20 min was selected, adapting to the 
extraction time. The study on the derivatization temperature under an organic 
solvent:MTBSTFA of 1:1 and 20 min extraction indicated that this factor had an effect, 
as might be expected. The most favorable temperature was 50 ℃.  
 
2.3.4 Optimization 
The parameters that affect the extraction were investigated to obtain the most 
favorable conditions. The optimization was based on the extraction efficiency, in 
terms of the peak areas of analytes. All experiments were conducted in triplicate. 
 
2.3.4.1 The type of organic solvent 
The selection of organic solvent is critical in SBME as described in Chapter 1. 
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1-Octanol, toluene, hexane, ethyl acetate, and octane, were studied in this study. The 
results are shown in Fig. 2-3, which shows that the highest peak areas for all the 
analytes (except for ibuprofen) were obtained by 1-octanol, followed by toluene, then 
octane, and finally hexane and ethyl acetate. 1-Ocatnol, toluene, and octane give 
comparable peak areas for ibuprofen. Moreover, it was observed that 1-octanol was 
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Figure 2-3 Effect of the type of organic solvent on extraction. 
 
2.3.4.2 The pH of sample solution 
The effect of sample solution pH on the extraction efficiency was investigated in the 
range of 2, 3, 4, 5, 6, and 7 by adding appropriate amount of HCl (0.1M) in the 
sample solution. From Fig. 2-4, it can be seen that the peak areas for all analytes 
maintained constant when the pH values were 2 to 3, and further decreased with the 
increase of sample solution pH from 3 to 7.  
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The PhACs are weekly acidic, therefore, in order to obtain efficient extraction, the 
sample solution should be at a suitable pH to suppress their ionization, and keep them 
in their neutral states to be extracted into the organic solvent. In addition, the analytes 
are not likely to be trapped and concentrated in the organic solvent in ionized forms. 






















Figure 2-4 Effect of sample pH on extraction. 
 
2.3.4.3 The effect of extraction temperature 
A series of experiments was carried out at 23 (room temperature), 30, 40, 50, 60, and 
70 ℃ respectively to study the effect of temperature on extraction. Fig. 2-5 shows that 
the peak areas for all analytes were enhanced with the increase of temperature, up to 
ca 50 ℃ and then, declined. In LPME and SPME, extraction temperature has a 
significant effect on the extraction by influencing mass transfer [198,201,202]. With 
the increase of the temperature, the distribution coefficient is decreased, and diffusion 
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coefficient increased, both of which facilitate the migration of analytes from the 
aqueous solution to the organic solvent. Nonetheless, too high a temperature may 
result in the increase of analytes distributed from aqueous solution into the headspace, 























Figure 2-5 Effect of temperature on extraction. 
 
2.3.4.4 Extraction time profiles 
A series of extraction times (5, 10, 20, 30, 40, and 50 min) was studied to evaluate 
their effect on extraction efficiency. Fig. 2-6 shows that the peak areas of all analytes 
increased quickly when the extraction time was increased from 5 to 20 min. 
Subsequently, the peak areas flattened out, indicating that equilibrium had been 
reached. The peak areas of most analytes decreased after 30 min, depending on 
different analytes. Such an observation with prolonged extraction time is common in 
liquid-phase and solid-phase microextraction. 
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SBME is an equilibrium-based extraction process. Therefore, the extraction efficiency 
depends on analytes transferring from the sample solution to the organic solvent, 
which is a time-dependent process. The extraction efficiency could be enhanced by 
extending extraction time to eventually attain equilibrium, after which, any further 
increase would have no significant effect. Thus, in general, equilibrium time would be 
selected as the extraction time. For this study, it was 20 min. On the other hand, due to 
possible solvent dissolution in the sample solution, the longer the extraction time, the 
greater the loss of organic solvent impregnated in the pores of hollow fiber, which 






















Figure 2-6 Extraction time profiles. 
 
2.3.4.5 Effect of ionic strength 
Generally, in LLE, LPME and SPME, salt is added to the aqueous sample to improve 
the partition of analytes to the organic solvent (salting-out effect). In this study, 
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various amounts of sodium chloride (NaCl) (ranging from 0 to 30%, w/v) were added 
to the sample solution to investigate this. Fig. 2-7 shows that the peak areas of all 
analytes increased slightly with the increase of the NaCl from 0 to 10%, and then 
remaining almost constant in the range of 10% to 15%. However, the peak areas 






















Figure 2-7 Effect of ionic strength on the extraction. 
 
When the salt concentration was low, the salting-out effect has a dominant effect on 
the extraction efficiency. With the increase of NaCl concentration, the ionic strength 
of the aqueous solution increased, lowering the solubility of the analytes in the 
aqueous sample solution and enhancing their partitioning to the organic solvent, so 
that the extraction efficiency increased [198].  
 
At higher NaCl concentration, the electrostatic interaction between the polar analytes 
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and salt ions had a more predominant effect on the extraction efficiency. This process 
occurred simultaneously with the salting-out effect, but had a negative effect on the 
extraction efficiency by inhibiting the transfer of analytes to the organic solvent. 
Therefore, NaCl concentration was limited to 15%.  
 
2.3.4.6 Agitation speed 
As regards the effect of sample agitation on extraction efficiency, different stirring 
speeds from 300 to 1250 rpm were assayed. As shown in Fig. 2-8, peak areas of all 























Figure 2-8 Effect of agitation speed on extraction. 
 
As in SPME and LPME, the extraction efficiency of SBME depends on the 
partitioning of the analytes from the sample solution into the organic solvent. Under a 
higher stirring speed, the partitioning of the analytes into the organic solvent was 
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enhanced, thus accelerating the extraction. Furthermore, under agitation the solvent 
bar was continuously exposed randomly to fresh regions of the sample solution, 
which also facilitated the extraction.  
 
On the other hand, since the solvent bar moved and tumbled freely in the sample 
solution agitation, the higher the stirring speed, the greater the potential of loss of 
organic solvent impregnated in the wall pores of the hollow fiber. In addition, under a 
higher agitation speed, air bubbles were produced, which conceivably affected the 
extraction efficiency and precision [101,198]. Our work supported this observation; 
the peak areas for all the analytes decreased when the stirring speed was higher than 
1000 rpm. 
 
Based on the above discussion, the most favorable SBME conditions were: 
1-octanol:MTBSTFA (1:1) as acceptor phase,  agitation speed of 700 rpm, addition 
of 10% (w/v) NaCl, sample solution at pH 3, extraction time of 20 min and extraction 
temperature of 50 ℃.  
 
2.3.5 Method validation 
The performance and reliability of the developed method was studied by determing 
the repeatability, linear range, limits of detection (LODs), and limits of quantification 
(LOQs) for all the target analytes under the most favorable conditions. Table 2-2 
shows the results. The current method exhibited good linearity of 0.2–50 µg/L for 
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ketoprofen and diclofenac, and 0.1–50 µg/L for other four analytes, with correlation 
coefficient (r) higher than 0.9802 for all analytes. The relative standard deviations 
(RSDs) were lower than 9.5%, indicating the method had good repeatability, which 
were investigated for five replicate analyses at the same operational parameters. The 
LODs, based on a signal-to-noise ratio (S/N) of 3, ranged from 0.006 to 0.022 µg/L. 
The LOQs, based on an S/N ratio of 10, ranged from 0.030 to 0.080 µg/L. 
 
Table 2-2 Linear range, LOD, LOQ, and precision of SBME with derivatization of 
PhACs. 










Ibuprofen 0.1–50 0.9931 0.006 0.030 4.7 
Alprenolol 0.1–50 0.9889 0.008 0.030 7.1 
Naproxen  0.1–50 0.9922 0.010 0.040 5.6 
Propranolol 0.1–50 0.9913 0.012 0.040 7.0 
Ketoprofen 0.2–50 0.9858 0.020 0.070 8.7 
Diclofenac 0.2–50 0.9802 0.022 0.080 9.5  
a: spiked at LOQ levels. 
 
2.3.6 Genuine water sample analysis 
The method was applied to the analysis of drain water collected in the university 
campus. Samples were extracted as they were, without any pretreatment. Ibuprofen, 
naproxen, propanolol, and ketoprofen were found in the samples (results listed in 
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Table 2-3), while alprenolol and diclofenac were not detected, indicating in that either 
they were not present or their concentrations were below the LODs. 
 
Furthermore, these genuine samples were spiked to a level of 10µg/L of each 
compound and processed to assess matrix effects. The relative recoveries, defined as 
the ratios of the peak areas of the analytes in genuine water samples and peak areas of 
analytes in ultrapure water samples spiked with the same amount of the analytes, and 
which serve to indicate matrix effects, were summarized in Table 2-3.  
 
Table 2-3 Summary of results from analysis of PhACs in genuine drain water samples 
and spiked genuine drain water samples by SBME with derivatization. 
Spiked drain water (10 µg/L)Analyte  Concentration of PhACs 
in drain water (µg/L) 
 
Recovery (%) RSD (%) 
Ibuprofen  0.15  99 7.6 
Alprenolol  nd  92 7.9 
Naproxen   0.21  102 6.7 
Propranolol  0.26  101 6.2 
Ketoprofen  0.42  105 9.3 
Diclofenac  nd  88 9.0 
nd: Non-detected or below the limits of detection. 
 
It can be seen that the relative recoveries ranged from 88% to 105% for all analytes. 
This demonstrated that the drain water matrix had insignificant, if any, effect on the 
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procedure. As an example, Fig. 2-9 shows a chromatogram of an extract of a spiked 
drain water sample, which was extracted using the present method under the most 
favorable conditions as described previously. The developed SBME with 
derivatization offers a suitable method for the determination of PhACs at trace level 
concentrations in genuine water samples. 
 
 
Figure 2-9 Chromatography of extract of spiked wastewater sample (10 µg/L for each 
analyte) under the most favorable extraction conditions, as given in the text.  (1) 




A novel, simple, and fast method, combining simultaneous solvent bar 
microextraction and derivatization, was developed for the determination of 
pharmaceutically active compounds in water samples.  
 
In this approach, the derivatization reagent (MTBSTFA) was added in the organic 
solvent (acceptor phase), so that the derivatization could occur simultaneously with 
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the extraction. The extract could be directly injected into the GC–MS system for 
analysis. In the conventional way, the derivatization would be an extra step, applied 
after the extraction. In comparing SBME with SPME, both of which gave comparable 
analytical results, the former overcame some shortcomings of SPME, and prominently, 
the extraction time for SBME with derivatization (20 min) was much less than that of 
SPME (60 min extraction and 20 min derivatization). The present procedure is also 
cost-effective, relying only on affordable and easily accessible hollow fiber membrane. 
With the proposed method, good LODs (as low as 0.006 µg/L) and linearity, and 
acceptable repeatability were achieved. SBME with simultaneous derivatization, in 
conjunction with GC–MS analysis, was applied to determine pharmaceutical active 
compounds in drain water that is usually relatively contaminated, and demonstrated to 












Chapter 3. Ionic Liquid Based Three-Phase Liquid-Liquid-Liquid Solvent Bar 
Microextraction for the Determination of Phenols in Seawater Samples 
 
3.1 Introduction 
In spite of the tremendous development of analytical techniques in the past several 
decades, sample preparation, which is an unavoidable step for complex matrices to 
isolate and pre-concentrate the target analytes rendering them suitable for the 
detection system, remains a bottleneck in modern analytical methodology. To date, 
much effort has been devoted to establish simple, rapid, minimized as well as 
environment-friendly sample preparation methods to provide good and effective 
extraction.  
 
SPME and LPME are the two widely developed solvent-minimized extraction 
techniques in the past 15 - 20 years. SPME has been applied to the extraction of 
various types of organic compounds. However, highly polar compounds like 
chlorophenols need to be derivatized prior to SPME [203-205]. LPME uses only a 
few microliters of solvent and reduces exposure to the operator, and discharge into the 
environment. A variation of LPME that involves a free-moving solvent-filled HF, 
SBME, developed by Jiang and Lee [101], demonstrated higher extraction efficiency. 
 
In SBME, an appropriate solvent should have high extraction capability of analytes, 
immiscibility with water, low volatility, compatibility with HF, and less interference 
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with the chromatographic analysis of the target analytes [63,94,203,206]. Toluene and 
1-octanol are widely used extraction solvents [88,207]. Moreover, based on the “like 
dissolves like” principle, polar solvents should have higher extraction efficiency for 
polar analytes such as phenols. For these polar analytes, three-phase SBME, whereby 
analytes in aqueous donor solution are first extracted into an intermediary organic 
solvent and subsequently back-extracted into an aqueous acceptor solution, is more 
suitable [208].  
 
Ionic liquids (ILs) are salts that are usually composed of large asymmetric organic 
cations and either an organic or an inorganic anion [206]. They are polar, of low 
volatility, and are able to dissolve a lot of organic compounds [209]. Due to their 
negligible volatility, ILs are considered green solvents to both operator and 
environment. Furthermore, ionic liquids have been used in hollow fiber membrane 
extraction applications and have high affinity for polar analytes [203,210-213]. These 
significant features make ILs as good alternatives to conventional organic solvents 
used for extraction or preconcentration. Since their introduction in LPME by Liu et al 
[214], ILs have been widely used in extracting a variety of organic compounds 
[214-219]. 
 
In this work, the hollow fiber-supported ionic liquid based three-phase 
liquid-liquid-liquid solvent bar microextraction (IL-LLL-SBME) was developed and 
applied for the determination of trace phenols in seawater samples followed by 
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analysis with HPLC–UV. This was the first time an ionic liquid was used as the 
intermediary solvent in a three-phase LLL-SBME procedure. Since protection was 
afforded by the hollow fiber, no extra cleanup procedure was needed. The method 
combined analyte extraction and concentration in a single step. The extraction 




3.2.1 Chemicals and Materials 
The compounds, 2-nitrophenol (2-NP), 2,3-dichlorophenol (2,3-DCP), and 
2,4-dichlorophenol (2,4-DCP) were supplied by Sigma-Aldrich (Milwaukee, WI, 
USA), while 4-chlorophenol (4-CP), 2,4,6-trichlorophenol (2,4,6-TCP), and 
pentachlorophenol (PCP) were bought from Fluka (Buchs, Switzerland). Their 
physical properties are shown in Table 3-1.  
 
Six room temperature ionic liquids (>98% purity); 1-butyl-3-methylimidazolium 
methylsulfate ([BMIM][MeSO4]), 1-butyl-3-methylimidazolium hexafluorophosphate 
([BMIM][PF6]), 1-butyl-3-methylimidazolium tetrafluoroborate ([BMIM][BF4]), 
were purchased from Merck (Darmstadt, Germany), while 
N-butyl-3-methylpyridinium bis(trifluoromethylsulfonyl)imide (BMPIm), 
1-ethyl-3-methylimidazolium bis(trifluoromethylsulfonyl)imide (EMIIm), 
1-butyl-3-methylimidazolium phosphate ([BMIM][PO4]), were bought from Strem 
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Chemicals (Newburyport, MA, USA), 
 
Table 3-1 Physical properties of target phenols* 
Analyte pKa CAS number 
4-CP 8.81 106-48-9 
2-NP 7.23 88-75-5 
2,3-DCP 7.70 576-24-9 
2,4-DCP 7.89 120-83-2 
2,4,6-TCP 5.99 88-06-2 
PCP 4.70 87-86-5 
* Values taken from ref 220. 
 
HPLC-grade acetonitrile were purchased from Tedia Company (Fairfield, OH, USA). 
Phosphoric acid was bought from Merck (Darmstadt, Germany). Sodium chloride 
(NaCl) was acquired from Goodrich Chemical Enterprise (Singapore). All other 
chemicals and reagents used in this work were the same as those described earlier in 
Chapter 2. 
 
3.2.2 Apparatus and instruments 
Separation and analysis of analytes were carried out on a Shimadzu (Kyoto, Japan) 
HPLC system. The chromatographic system consists of an LC-20AD binary pump, an 
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SPD-20A ultraviolet-visible (UV-vis) detector, a DGU-20A degasser, an SIL-20A auto 
sampler, and a dynamic mixing chamber. 
 
An Agilent Technologies (Palo Alto, CA, USA) Eclipse C18 column (4.6mm×250mm 
I.D., 5um) was used for separation. The mobile phase used for separations was a 
binary solvent of acetonitrile:water (pH=3.0, adjusted by phosphoric acid). Gradient 
elution with a flow-rate of 1.0 mL/min was applied: initial 50% acetonitrile for 1 min, 
then a linear ramp to 65% in 8 min, held at 65% for 1 min and then, followed by a 
linear ramp to 50% in 15 min. The detection wavelength was set at 220 nm and the 
analysis was carried out at ambient temperature. All the experiments were performed 
in triplicate. 
 
The Q 3/2 Accurel polypropylene hollow fiber and microsyringes were the same as 
that described in Chapter 2.  
 
3.2.3 Sample preparation 
A stock solution containing 1000 mg/L of each analyte was prepared with methanol 
and was stored at 4 ℃. Water samples were prepared by spiking deionized water with 
analytes at known concentrations (20 µg/L). Quantification of the analytes was done 
by external calibration. Genuine seawater samples were collected from the west coast 
of Singapore, and were extracted and analyzed without any prior treatment or 
filtration to avoid the loss of target analytes. 
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3.2.4 IL-LLL-SBME 
The preparation of solvent bar was the same as that described in Chapter 2. The 
solvent bar was immersed in the ionic liquid for 25 s to impregnate the wall pores of 
the hollow fiber. The ionic liquid-impregnated solvent bar was then placed in a 10 mL 
sample solution for extraction under 700 rpm stirring. After 20 min of extraction, the 
solvent bar was taken out. The analyte-enriched acceptor solution was carefully 
collected. Finally, the extractant was injected into the HPLC–UV system for analysis. 
The used fiber was discarded, and a fresh one was used for the next extraction. 
 
3.2.5 Conventional LLL-SBME (non-IL-LLL-SBME) 
The conventional LLL-SBME procedure was similar to that of IL-LLL-SBME, only 
different in using 1-octanol instead of ionic liquid to impregnate the pores of the wall 
of the fiber, and the extraction was performed 40 min at 60 ℃. 
 
3.2.6 Ionic liquid supported HF-LLLME (IL-HF-LLLME) 
Prior to extraction, the hollow fiber was prepared as described in Chapter 2. The 
acceptor solution was introduced into the lumen of the hollow fiber using a 
microsyringe. The fiber was immersed in the ionic liquid for 5 s to impregnate the 
pores of the wall of the hollow fiber. The ionic liquid impregnated fiber with the 
microsyringe was placed in a 10 mL of sample solution for extraction for 40 min at 60 
℃ and under magnetic stirring (700 rpm). After extraction, the hollow fiber with 
microsyringe was removed from the sample solution. The acceptor solution was 
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carefully withdrawn into the syringe and subsequently, was directly injected into a 
HPLC–UV instrument for analysis. The used hollow fiber was discarded and a fresh 
one was used for the next experiment. 
 
3.3 Results and discussion 
3.3.1 Basic principle of IL-LLL-SBME 
The basic principle of IL-LLL-SBME is similar to that of conventional LLL-SBME 
[101,203,206,208,221]. Briefly, the three-phase system consists of the aqueous 
sample solution (serving as donor phase), the ionic liquid phase impregnated in the 
wall pores of the hollow fiber (intermediary organic solvent), and the aqueous 
solution in the lumen of the hollow fiber (serving as acceptor phase). The ionic liquid, 
which is immiscible with aqueous solution, prevented the mixture of donor phase and 
acceptor phase, and served as a carrier of analytes. The analytes were extracted from 
donor phase, through the ionic liquid immobilized in the pores of hollow fiber and 
finally, into the acceptor phase in the lumen of the hollow fiber. The analytes were 
ionized and trapped in the acceptor phase, preventing them from being re-extracted 
into ionic liquid.  
 
3.3.2 Enrichment factor 
Generally, the IL-LLL-SBME procedure may be illustrated by the following equation: 
aid iii ↔↔  
Where d, i, and a represent the donor phase, the ionic liquid phase, and the acceptor 
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phase, respectively. The enrichment factor (EF), defined as the ratio Ca,eq/Cd,initial 
[101,206], where Ca,eq and Cd,initial are the final concentration of analytes in the 
acceptor phase and the initial concentration of analytes in the donor phase, can be 
given as follows [88,222,223] 
)///1/(1 221 dadIL VVVKVKKEF ++=  
where VIL, Va and Vd are the volume of the ionic liquid in the pores of the hollow 
fiber, acceptor phase and the donor phase, respectively. K1 and K2 are the distributions 
ratios for the analytes from the donor phase into the ionic liquid phase, and from the 
ionic liquid phase into the acceptor phase, respectively.  
dIL CCK /1 =  
and 
ILa CCK /2 =  
where, CIL, Ca and Cd represent the equilibrium concentration of analytes in the ionic 
liquid phase, the acceptor phase, and the donor phase, respectively.  
Since 
dIL VKV 2<<  
EF can be calculated simply as  
)//1/(1 da VVKEF +=  
Where K is the distribution coefficient of the three-phase equilibrium, and  
da CCKKK /21 =×=  
From the equation above, it is obvious that high EF can be achieved by decreasing the 
ratio of the acceptor phase volume and the donor phase volume. 
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3.3.3 Comparative studies 
The performance of IL-LLL-SBME was compared with that of conventional 
LLL-SBME and IL-HF-LLLME. Spiked ultrapure water samples (20 µg/L of each 
phenol) were used for the comparative extraction.  
 
As seen from Fig. 3-1, the highest extraction efficiency was obtained by 
IL-LLL-SBME, followed by IL-HF-LLLME, and then, conventional LLL-SBME. 
The [BMIM][PF6] was demonstrated to have significantly better extraction of the 
target analytes due to its higher affinity to polar analytes, insolubility in the aqueous 
sample solution, and higher stability in the wall pores of hollow fiber. The extraction 
efficiency of the proposed method was conceivably enhanced due to the free 
movement and random tumbling of the solvent bar in the aqueous sample solution 






























It’s notable to mention that the extraction time for the proposed method was only 20 
min, much less than that of LLL-SBME (40 min) and ionic liquid supported 
HF-LLLME (40 min), reducing the possible loss of ionic liquid during long extraction 
duration, which also conceivably contributed to the higher extraction efficiency. 
 
3.3.4 Optimization 
3.3.4.1 The selection of ionic liquid 
The ionic liquid was selected based on the following considerations: (1) it should be 
compatible with the polypropylene hollow fiber and then, be easily and securely 
immobilized in the pores of the hollow fiber; (2) it should be immiscible with water 
since it served as a barrier between the donor phase and the acceptor phase; (3) it 
should permit the following situation to prevail during the extraction procedure: 
analytes should have higher solubility in the ionic liquid than in the donor phase and 
have less solubility in ionic liquid than in the acceptor phase. The following six ionic 
liquids, [BMIM][PF6], [BMIM][BF4], [BMIM][MeSO4], [EMIIm], [BMPIm], and 
[BMIM][PO4], were studied. All of them could be easily immobilized in the pores of 
polypropylene hollow fiber using the procedure designed above. The extraction 
efficiencies with different ionic liquid are shown in Fig. 3-2.  
 
[EMIIm], [BMPIm], and [BMIM][PO4] gave comparable extraction efficiencies for 
most analytes, except for PCP. The highest extraction efficiency for all analytes was 
obtained by [BMIM][PF6], followed by [BMIM][BF4], and then, [BMIM][MeSO4]. 
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Compared to other ionic liquids studied here, the more hydrophobic of [BMIM][PF6], 
as well as its insolubility in the aqueous solution, should contribute to its better 


























































Figure 3-2 Comparison of use of different ionic liquids for IL-LLL-SMBE. 
 
3.3.4.2 Composition of donor phase and acceptor phase 
The compositions of the sample solution and the acceptor solution play critical roles 
in three-phase SBME. In order to obtain efficient extraction of target phenols, which 
are weekly acidic, the sample solution should be adjusted to a suitable acidity to 
de-ionize analytes and maintain their neutrality thereby increasing their distribution 
into the ionic liquid phase.  
 
A series of concentrations of HCl in the sample solution were investigated to optimize 
the pH of the sample solution. There was no significant change in the extraction 
efficiency of analytes when the concentration of HCl was varied from 0.001M to 
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1.0M, as expected, since the pKa of all analytes is higher than 4.70, and the optimum 
extraction efficiency for all analytes was obtained at 0.1 M HCl in general. 
 
The acceptor solution can also affect the extraction efficiency. It is necessary to adjust 
the acceptor solution to an appropriate alkalinity to maintain the ionic status of the 
weakly acidic analytes, preventing them from being re-extracted into the ionic liquid 
phase, ensuring the analytes were trapped and concentrated in the acceptor solution. 
In the study, varying concentrations of NaOH from 0.001 M to 1 M were used as 
acceptor solution. As shown in Fig. 3-3, the extraction efficiency increased with the 
increase of concentration of NaOH from 0.001 M to 0.1 M and then flattened out. 
This showed that 0.1 M NaOH was efficient to ionize all the analytes (whose pKa’s 
range from 4.70 to 8.81) to give efficient extraction. Higher concentration of NaOH as 


















4-CP 2-NP 2,3-DCP 2,4-DCP 2,4,6-TCP PCP  
Figure 3-3 Effect of acceptor solution pH on extraction efficiency. 
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Based on the above discussion, a combination of 0.1 M HCl and 0.1 M NaOH under 
which the most favorable extraction efficiency was obtained was selected as the donor 
solution and the acceptor solution, respectively. 
 
3.3.4.3 The effect of extraction temperature 
The effects of temperature (25 ℃ (ambient temperature), 40 ℃, 50 ℃, 60 ℃, 70 ℃, 
and 80 ℃) on extraction efficiency are shown in Fig. 3-4. It was apparent that, for all 
the six analytes, the peak areas were enhanced with the increase of temperature, up to 

















4-CP 2-NP 2,3-DCP 2,4-DCP 2,4,6-TCP PCP  
Figure 3-4 Effect of extraction temperature on extraction efficiency. 
 
The effect of temperature on the extraction is as described in Chapter 2. Furthermore, 
with the increase of temperature, the viscosity of the ionic liquid impregnated in the 
pores of hollow fibers can be decreased [224], speeding the transfer of analytes 
through the ionic liquid and finally partition into the acceptor solution. Thus, the 
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temperature of 60 ℃ represented the most favorable extraction temperature. 
 
3.3.4.4 Extraction time profiles 
A series of extraction times (5, 10, 20, 30, 40, and 50 min) was studied to evaluate the 
extraction efficiency. Fig. 3-5 shows the extraction time profiles. As can be seen, the 
peak areas of the analytes increased significantly when the extraction time increased 
from 5 to 20 min, and then, reached a plateau, indicating that the equilibrium had been 
reached. Above 40 min, the peak areas of most analytes decreased, depending on 
different analytes. This observation can be explained the similar to that of two-phase 


















4-CP 2-NP 2,3-DCP 2,4-DCP 2,4,6-TCP PCP  
Figure 3-5 Extraction time profile of IL-LLL-SBME. 
 
3.3.4.5 Effect of ionic strength 
The effect of addition of salt on extraction efficiency was investigated by adding 
69 
various amounts of sodium chloride (NaCl) (ranging from 0 to 30%, w/v) into the 
sample solution. From Fig. 3-6, it was observed that the extraction efficiency of all 
analytes increased with the increase of the NaCl concentration, up to 15% (w/v) and 
then, reached a plateau. Above 20%, the extraction efficiency of all analytes decreased 
with the further increase of the NaCl concentration. 
 
This observation can be mainly explained as described in Chapter 2 [225]. In addition, 
high NaCl concentration in the aqueous solution may lead to a loss of ionic liquid 
impregnated in the pores of hollow fiber due to the solubility of [BMIM]Cl in the 
aqueous solution, due to an ion exchange process between [BMIM][PF6] and chloride 
[149,206]. This might decrease the extraction efficiency. Based on the above 



























3.3.4.6 Agitation speed 
As with SPME and LPME, agitation is an important factor that affects the extraction 
efficiency [226]. The effect of agitation speed on the extraction efficiency was 
investigated under different stirring speed from 300 to 1250 rpm. It can be clearly 
seen from Fig. 3-7, that initially, the peak areas increased rapidly, followed by a 
slower rate of increase and subsequently, the signals flattened out with the agitation 
speed of 700 rpm. However, the peak areas decreased when the stirring speed was 
higher than 1000 rpm. This phenomenon may also be explained as that of two-phase 




























Figure 3-7 Effect of agitation speed 
 
Based on the discussion above, the most favorable IL-LLL-SBME conditions for 
phenols were using [BMIM][PF6] as ionic liquid, 0.1 M HCl as donor solution and 0.1 
M NaOH as acceptor solution, agitation speed 700 rpm, addition of 15% (w/v) NaCl, 
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extraction time 20 min and extraction temperature 60 ℃. 
 
3.3.5 Method validation 
The developed method was evaluated by determining the linear range, repeatability, 
LODs, and enrichment factors. These results are summarized in Table 3-2. Good 
linearity of each analyte was obtained in the range of 0.05–50, 0.1–50, 0.2–50, and 
0.5–50 µg/L, respectively, depending on analytes, with correlation coefficient (r) 
higher than 0.9869. The repeatability in peak areas was investigated for five replicate 
analyses at the same operation parameters. The RSDs were lower than 8.3 % for all 
the six analytes. Based on an S/N of 3, the LODs were in the range of 0.01 to 0.1 
µg/L.  
 
Table 3-2 Linear range, LOD, enrichment factors, relative recoveries, and precision of 














4-CP 0.5-50 0.9869 0.1 81 82.3 6.1 
2-NP 0.05-50 0.9933 0.01 158 96.7 5.2 
2,3-DCP 0.1-50 0.9946 0.05 132 91.8 8.3 
2,4-DCP 0.2-50 0.9907 0.05 116 87.4 7.6 
2,4,6-TCP 0.1-50 0.9912 0.02 143 93.0 6.8 
PCP 0.2-50 0.9894 0.05 99 84.9 7.2 
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3.3.6 Genuine water samples analysis 
The developed method was applied to determine phenols in genuine seawater samples 
collected from the west coast of the island. The seawater samples were directly 
extracted using the developed method without any pretreatment. There were, however, 
no target analytes detected in the seawater samples after IL-LLL-SBME; it is likely 
they were not present, or they were below the LODs of the present procedure. 
 
Table 3-3 Summary of results of analysis of phenols in spiked genuine seawater 
samples by IL-LLL-SBME. 
 Spike seawater (25 µg/L)  Spike seawater (2.0 µg/L) 
Analyte 
 Recovery (%) RSD (%)a  Recovery (%) RSD (%)a 
4-CP  83.3 9.2  88.6 8.9 
2-NP  96.5 8.3  101.7 7.4 
2,3-DCP  86.7 7.5  90.1 9.6 
2,4-DCP  89.4 8.9  82.5 5.4 
2,4,6-TCP  97.8 6.3  98.8 5.7 
PCP  101.0 5.2  105.4 6.3 
a n=3. 
 
To assess matrix effects, seawater samples were spiked with phenols at 25 or 2.0 µg/L 
of each analyte. Fig. 3-8 shows a chromatogram of extract of spiked seawater (2.0 
µg/L of each analyte) after extraction by the developed method. The relative 
recoveries (as defined in Chapter 2) are summarized in Table 3-3. Relative recoveries 
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of above 82.5% were obtained for all analytes, demonstrating that the matrices have 
little effect on the extraction efficiency. The method is suitable for the determination 
of phenols at trace level concentrations in environmental water samples. 
 
 
Figure 3-8 Chromatogram of spiked genuine seawater sample (2.0 µg/L  for each 
analyte) under the most favorable conditions. (1) 4-chlorophenol, (2) 2-nitrophenol, (3) 




In this work, a new organic solvent-free three-phase microextraction method, ionic 
liquid based liquid-liquid-liquid solvent bar microextraction was developed and 
applied for the determination of phenols in seawater samples with subsequent analysis 
by HPLC–UV.  
 
Higher extraction efficiency for polar analytes was obtained by using the ionic liquid 
([BMIM][PF6]) as the intermediary solvent. Since protection was afforded by the 
hollow fiber, no extra cleanup was needed. After extraction, the acceptor solution 
could be directly injected into an HPLC–UV system for analysis. In addition, any 
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potential carry-over was avoided by using the hollow fiber only once.  
 
With the proposed method, good linearity and acceptable repeatability were achieved. 
Furthermore, seawater matrix effects were investigated and demonstrated to have little 
effect on the extraction. IL-LLL-SBME, in conjunction with HPLC–UV analysis, was 
shown to be a simple and efficient extraction method for phenols in environmental 

















Chapter 4. Low-Density Solvent Based Ultrasound-Assisted Emulsification 
Microextraction and On-column Derivatization Combined with Gas 
Chromatography-Mass Spectrometry for the Determination of Carbamate 
Pesticides in Environmental Water Samples 
 
4.1 Introduction 
Due to their low bioaccumulation potential, effectiveness, and broad biological 
activity, carbamate pesticides are used worldwide in agriculture, home, and gardens 
for the control of insects, fungi, and weeds [228-230]. However, since they are 
inhibitors of anticholinesterase [231,232], carbamates pesticides are considered 
hazardous to human health. Since carbamate pesticides are highly soluble in water, 
they pose a risk to the aquatic environment. 
 
The most commonly used analytical techniques for determining carbamate pesticides 
include micellar electrokinetic chromatography (MEKC) [233,234], capillary zone 
electrophoresis (CZE) -with UV [235], HPLC coupled to UV [36,236-238], DAD 
[239,240], fluorescence detection (FLD) [120], chemiluminescence detection (CLD) 
[241], or MS [242,243], and GC–MS [229,244-246]. With good sensitivity and high 
selectivity, GC–MS represents a powerful method for carbamate pesticides analysis. 
 
Since they are thermally labile, before analysis by GC, carbamate pesticides need to 
be derivatized to form more thermally stable derivatives to avoid their breakdown to 
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amines and phenols in the injection port [36,145,229,247]. The commonly used 
derivatization reactions are silylation, acetylation, and alkylation [229]. On-column 
derivatization is a very convenient derivatization procedure since this method is a 
simple and fast one-step operation [229]. 
 
Due to the trace-level concentration of carbamate pesticides in environmental 
matrices, preconcentration, is usually necessary prior to chromatographic analysis. 
Different sample preparation methods such as SPE [246,248,249],µ-SPE [36], LLE 
[250,251], supercritical fluid extraction (SFE) [236,252,253], microwave-assisted 
extraction (MAE) [236,254], LPME [229,255,256] and SPME [257-261] have been 
employed for the extraction of carbamate pesticides from different sample matrices. 
However, for most of the abovementioned methods, considerable time is required for 
analytes to be extracted into extraction solvents or onto sorbents.  
 
DLLME, introduced in 2006 [114], is fast and provides high enrichment. However, it 
requires a relatively large amount of organic solvent as dispersive solvent. In 
USAEME [139], a variation of DLLME, the extraction solvent is dispersed into the 
sample solution under the assistance of ultrasound, avoiding using any dispersive 
solvent. USAEME has been applied to a variety of organic compounds in different 
matrices [140,141,143,146,262,263]. The typically used extraction solvents in 
DLLME and USAEME are limited to those that are of higher density than water in 
order for them to be sedimented and conveniently collected following centrifugation 
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after extraction. To overcome this limitation, several studies have reported the use of 
low density solvents in DLLME [147,264-269], to broaden the applicability of the 
procedure. For example, Saleh [147] employed a home-designed and fabricated 
extraction vial that allowed the use of toluene as extraction solvent. A similar device 
was also employed by Farajzadeh et al [264] to use cyclohexane as extraction solvent. 
However, since this extraction device used was home-designed and fabricated, its 
accessibility and availability is limited. In Shi and Lee’s work [265], after DLLME, 
the extract was adsorbed by magnetic nanoparticles; the need for these particles added 
complexity to the overall method. In other studies [266-268], a volumetric flask or a 
round-bottom glass vial was used as the extraction device. However, the collection of 
a small volume of the extract floating on top of aqueous sample was inconvenient 
since the diameter of the vessels were relatively wide, possibly making collection of 
the extract, which formed a thin layer only, difficult.  
 
In this work, for the first time, the plastic Pasteur pipette was employed for 
low-density solvent based USAEME (LDS-USAEME) combined with on-column 
derivatization, followed by GC–MS determination of trace-level carbamate pesticides. 
The adoption of the plastic pipette permitted the use of toluene, a solvent with lower 
density than water, as extraction solvent for the USAEME procedure. The on-column 
derivatization avoided an additional separate derivatization step and expedited the 
analytical procedure. Different parameters that affect the derivatization and extraction 
efficiency were evaluated. Under the most favorable conditions, the proposed method 
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was applied to analyze carbamate pesticides in genuine river water samples. 
 
4.2 Experimental Section 
4.2.1 Chemicals and Materials 
The analytes, carbaryl (purity 98%), chlorpropham (purity 99.5%), methiocarb (purity 
99%), carbofuran (purity 98%), promecarb (purity 99%), and propham (purity 99.5), 
were supplied by ChemService (West Chester, PA, USA). The structures of these 
analytes are listed in Table 4-1. 
 
Table 4-1 Chemical structures of carbamate pesticides considered in this work. 
Analyte  CAS number  Structure 




















































HPLC-grade chloroform was purchased from Tedia Company (Fairfield, OH, USA). 
Toluene and cyclohexane were from Fisher (Loughborough, UK). The o-xylene was 
obtained from Sigma-Aldrich (St. Louis, MO, USA). Trimethylphenylammonium 
hydroxide (TMPAH) was purchased from Supelco (Bellefonte, PA, USA). Other 
chemicals used were the same as those described in previous Chapter 2 and 3. 
 
The centrifuge (model 5810R) was from Eppendorf (Hamburg, Germany). The soft 
polyethylene Pasteur pipette was purchased from Practical Mediscience Pte., Ltd 
(Singapore). An ultrasonic water bath was from Soniclean PTY. LTD (Thebarton, 
S.A., Australia). A 100 µL syringe used for injection of extraction solvent, and a 50 
µL blunt tip microsyringe used for collection of the organic extract were purchased 
from Hamilton Bonaduz AG (Bonaduz, Switzerland). A 10 µL microsyringe used for 
GC–MS injection was bought from SGE (Sydney, Australia). 
 
4.2.2 GC–MS Analysis 
Sample analyses were carried out on the same GC–MS system and column described 
in Chapter 2. Helium was used as carrier gas at a flow rate of 1.7 ml/min.. Samples 
were injected in splitless mode. The injector temperature was 280 °C and the interface 
temperature was 300 °C. The GC oven was initially held at 60 °C for 2 min and then 
programmed to 260 at 10 °C/min; held for 2 min. Carbamate pesticides standards and 
samples were analyzed in SIM mode for quantitative determination of the analytes. 
The masses monitored by the detector were set as follows: promecarb, m/z 164, 149; 
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carbofuran, m/z 178, 163; propham, m/z 193, 151, 106; carbaryl, m/z 158, 115, 143; 
methiocarb, m/z 182, 167, 152; chlorpropham, m/z 227, 185, 141. The mass spectra of 
derivatives of carbamate pesticides are shown in Fig. 4-1. 
  
Figure 4-1 Mass spectra of carbamate pesticide derivatives. 
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4.2.3 Sample preparation 
A stock solution (containing 1000 mg/L of each analyte) was prepared in methanol. 
All solutions were stored at 4 ℃. Water samples were prepared by spiking ultrapure 
water with the analytes at known concentrations. Genuine river water samples were 
collected from a local river and transported to the laboratory immediately. All 
collected water samples were kept in the dark at 4.0 ℃. The samples were extracted 
without any prior treatment or filtration to avoid possible loss of the target analytes. 
 
4.2.4 LDS-USAEME with on-column derivatization 
In the extraction procedure, a soft polyethylene Pasteur pipette was filled with 4 mL 
of water sample. Fifty microliters of the extraction solvent were injected into the 
sample solution. The pipette was then immersed in an ultrasonic water bath. The 
extraction was performed at 25 ℃ (ambient temperature). After 2 min of extraction, 
the emulsion was separated into two phases by centrifugation. The pipette bulb was 
held upside down and then squeezed slightly and gently to move the upper layer (low 
density organic extract) into its narrow stem. This enabled the convenient collection 
of the extract using a microsyringe. One microliter of the extract combined with one 
microliter of derivatization reagent was injected into the GC–MS system for analysis. 
 
4.2.5 Conventional USAEME 
The conventional USAEME procedure was similar to that of LDS-USAEME, only 
different in using CHCl3 as extraction solvent and conical centrifuge tube as 
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extraction vessel instead of a soft polyethylene Pasteur pipette. After extraction, the 
organic extract was sedimented at the bottom of the centrifuge tube by centrifugation 
and was collected, and then 1 µL combined with 1 µL of derivatization reagent was 
injected into GC–MS for analysis. The conditions used as described here were most 
favorable for the extraction. 
 
4.2.6 LDS-DLLME 
To carry out LDS-DLLME, 4 mL of water sample was placed in a polyethylene 
Pasteur pipette. A mixture of 500 µL acetone (dispersive solvent) and 50 µL toluene 
(extraction solvent) was rapidly injected into the aqueous solution. After 2 min of 
extraction, the emulsion was centrifuged to afford two separate phases. The upper 
layer (organic extract) was collected as described above, and 1 µL of the extract with 
1 µL of derivatization reagent were injected into the GC–MS system for analysis. 
 
4.3 Results and discussion 
4.3.1 Comparative studies 
The performance of LDS-USAEME was compared to that of conventional USAEME 
and LDS-DLLME. Spiked ultrapure water samples (5 µg/L of each analyte) were 
used. 
 
Fig. 4-2 shows that the extraction efficiencies obtained by all three approaches were 
comparable. However, LDS-USAEME has some conceivable advantages. Most 
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importantly, no dispersive solvent was needed in LDS-USAEME. In DLLME, this 
usually amounts to hundreds of microliters. As is well known, this is the most 
prominent feature of USAEME compared to DLLME. Furthermore, the toluene 
employed in LDS-USAEME in the present work, is generally much less toxic than 
chlorinated solvents widely used in conventional USAEME. The proposed method 















Promecarb Carbofuran Propham Carbaryl Methiocarb Chlorpropham  
Figure 4-2 Comparison of LDS-DLLME, USAEME, and LDS-USAEME. 
 
4.3.2 Derivatization 
Depending on their structures, carbamate pesticides react with TMPAH in two 
different ways [229,270]: (1) N-Arylcarbamates, including propham and 
chlorpropham, yield N-methyl-N-arylcarbamate products,  
Ar–NH–CO–O–R → Ar–N(CH3) –CO–O–R 
84 
and, (2) N-methylcarbamates, including promecarb, carbaryl, methiocarb, and 
carbofuran, yield methyl substituted products (arylmethyl ether), 
Ar–O–CO–NH–CH3 → Ar–O–CH3 
where Ar is aryl. The mass spectra of the carbamate pesticide derivatives are shown in 
Fig. 4-1. 
 
The volume of TMPAH is important for the derivatization. A series of experiments 
was carried out to study the effect of different volumes of TMPAH on derivatization. 
Different volumes (1, 2, 5, 10, 20, and 40 µL) of TMPAH were applied to derivatize 
10 µL of a standard solution (of an individual carbamate at 1 mg/L concentration). 

















Carbaryl Methiocarb Chlorpropham  
Figure 4-3 Effect of derivatization reagent volume on extraction. 
 
It may be observed that the peak areas for all derivatives increased rapidly with the 
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increase of volume of TMPAH, up to ca. 5 µL. Above 5 µL, the peak areas for all 
derivatives flattened out. Considering that the higher volume of derivatization reagent 
had no negative effect on the derivatization, 10 µL of derivatization reagent was 
selected to ensure the reagent was in excess for successful derivatization. Therefore, 




In USAEME, some parameters affecting the extraction were investigated in detail. 
The extraction recovery was considered to evaluate the influence of the different 
parameters on extraction efficiency. All experiments were performed in triplicate. 
 









where CO, C0, VO, and Vaq are the concentration of analytes in the upper layer (extract), 
the spiked concentration of analytes in the aqueous solution, the volume of the upper 
layer, and the volume of the aqueous solution, respectively.  
 
4.3.3.1 Extraction solvent 
The criteria in selecting a suitable extraction solvent are as described in Chapter 1. 
Additionally, for this proposed method, the extraction solvent should have lower 
density than water such that it could be directly withdrawn as the upper layer from the 
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Pasteur pipette stem after centrifugation. Five low density solvents [50] that satisfy 
these requirements, n-hexane (density, 20℃, d=0.66 g/mL), cyclohexane (d=0.78 
g/mL), o-xylene (d=0.88 g/mL), toluene (d=0.87 g/mL) and 1-octanol (d=0.82 g/mL), 





















































Figure 4-4 Effect of type of extraction solvent on extraction. 
 
As it can be seen in Fig. 4-4, toluene has the highest extraction efficiency for most of 
the compounds (except for chlorpropham), followed by cyclohexane and o-xylene, 
and then, 1-octanol and n-hexane. This may be partly due to the aromatic group 
and/or ring structures in the solvents which benefit the extraction (“like dissolves 
like”) [266,267]. Additionally, the low viscosity of toluene contributes to the efficient 
formation of the emulsion, thus facilitating the extraction.  
 
4.3.3.2 Volume of the extraction solvent 
During USAEME, the volume of the extraction solvent is a key parameter. This effect 
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was investigated by using a series of toluene volumes (30, 40, 50, 60, and 70 µL). 
Extraction recoveries of different volumes of extraction solvent are shown in Fig. 4-5. 
The recoveries for all analytes increased with increasing toluene volume from 30 to 
50 µL, and then, at volumes higher than 50 µL, the recoveries flattened out or slightly 
decreased, depending on the analytes. On the other hand, it was very difficult to 
collect the upper layer when the initial volume of extraction solvent was less than 30 
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Figure 4-5 Effect of extraction solvent volume on extraction. 
 
4.3.3.3 Extraction temperature 
In LPME the temperature usually has a significant effect on the extraction efficiency 
as described in Chapter 2. In order to examine the effect of temperature, a series of 
experiments was performed at 25 (ambient temperature), 30, 40, 50, and 60 ℃, 
respectively. The results (shown in Fig. 4-6) demonstrated that the extraction 
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efficiency was independent of temperature. This is different to that of conventional 
LPME, in which raising the temperature can usually speed up the extraction. 
Additionally, a higher temperature may result in the evaporation of the extraction 
solvent and therefore affect the extraction negatively. For convenience, therefore, 





















Figure 4-6 Effect of temperature on extraction. 
 
4.3.3.4 Extraction time profiles 
In USAEME, the extraction time is defined as the interval between the beginning of 
the emulsification and the time at which the emulsion is centrifuged [147]. The effect 
of time (1, 2, 5, 10, and 20 min) on the extraction efficiency was investigated. Fig. 4-7 
shows the extraction time profiles. It can be seen that, the extraction time has no 
significant effect on extraction efficiency. The extraction reached a maximum in less 
than one minute, and then, remained almost constant as extraction time was prolonged. 
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Considering the need to exploit the speed of the extraction process, the extraction time 























Figure 4-7 Extraction time profiles. 
 
4.3.3.5 Effect of ionic strength 
The effect of ionic strength on the extraction efficiency was evaluated by increasing 
the concentration of sodium chloride in the sample solution. There was no observably 
change on the extraction efficiency for all analytes with the variation of sodium 
chloride concentration from 0 to 30% (w/v). This result was in accordance with a 
previous study [145]. This observation may be the result of some competitive effects. 
According to the salting-out effect, the partition of analytes from the aqueous sample 
into the extraction solvent will increase with the addition of more sodium chloride. 
However, with the increased amount of sodium chloride, the viscosity and density of 
the solution was enhanced, decreasing the mass transfer of analytes, thus diminishing 
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the extraction efficiency. In addition, in a viscous solution, the ultrasound waves can 
be absorbed and dispersed as calorific energy, drastically reducing the emulsification 
phenomenon [139,271]. Thus, no salt was added in subsequent experiments. 
 
4.3.3.6 Time and speed of centrifugation 
After USAEME, the emulsion was broken down and separated into two phases under 
centrifugation. Centrifugation speed and time were studied. As expected, a complete 
fractionation of the emulsion could be obtained in a shorter time under a higher 
centrifugation speed. Thus, 4000 rpm (the maximum speed of the centrifuge used here) 
was employed as the most favorable centrifugation speed. At this speed, the durability 
and integrity of the plastic pipette were not affected. At centrifugation speed of 4000 
rpm, centrifugation times (1 to 15 min) were evaluated. The results (not shown) 
indicated that, as the centrifugation time increased from 0 to 5 min, the extraction 
efficiency increased. After 5 min, the extraction efficiency flattened out until ca. 10 
min, after which the extraction decreased slightly gradually, conceivably due to the 
evaporation of the upper layer [147]. Therefore, 5 min was adopted as centrifugation 
time. 
 
Based on the above discussion, the most favorable conditions for USAEME were as 
follows: 50 µL of toluene as extraction solvent, ultrasonication for 2 min at 25 ℃, 
centrifugation at 4000 rpm for 5 min, no salt addition. 
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4.3.4 Method validation 
The results of the validation parameters are shown in Table 4-2. The linearity of the 
method was obtained in the range of 0.05 to 50 µg/L for methiocarb, 0.1 to 50 µg/L 
for promecarb and carbaryl, 0.2 to 50 µg/L for propham, and 0.5 to 50 µg/L for 
carbofuran and chlorpropham. Correlation coefficients (r) higher than 0.9909 were 
obtained for all analytes. RSDs were between 3.7% and 9.2%, showing the good 
repeatability of the method. The LODs (S/N=3), were obtained in the range of 0.01 
µg/L to 0.1 µg/L. The LOQs (S/N=10) were from 0.03 µg/L to 0.3 µg/L. 
 
Table 4-2 Linear range, LOD, LOQ, recovery, and precision of LDS-USAEME with 














Promecarb 0.1–50 0.9931 0.02 0.06 82.7 5.3 
Carbofuran 0.5–100 0.9909 0.1 0.3 74.5 8.6 
Propham 0.2–100 0.9926 0.05 0.15 78.2 6.9 
Carbaryl 0.1–50 0.9953 0.02 0.06 88.0 7.8 
Methiocarb 0.05–50 0.9982 0.01 0.03 93.1 3.7 
Chlorpropham 0.5–50 0.9917 0.1 0.3 68.9 9.2 
 
4.3.5 Genuine water sample analysis 
The developed method was applied to determine carbamate pesticides (spiked 2.0 and 
20 µg/L of each analyte) in genuine river water samples since carbamates are not 
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officially used in this country, and the samples are not likely to contain the 
contaminants. The relative recoveries (as defined in Chapter 2) were listed in Table 
4-3. It can be observed that the relative recoveries were between 87.9% and 108.3% 
for all analytes, suggesting that the genuine river water matrices have minor effects on 
the developed method. The results demonstrated that the described method is suitable 
for the analysis of carbamate pesticides in genuine water samples. Fig. 4-8 shows a 
chromatogram of spiked genuine river water sample (2.0 µg/L of each analyte) extract 
under the most favorable extraction and derivatization conditions as described above. 
 
Table 4-3 Summary of results of LDS-USAEME combined with on-column 
derivatizatin and GC–MS analysis of carbamate pesticides in spiked genuine river 
water sample. 
 
 Spiked river water (2 µg/L) Spiked river water (20 µg/L) 
Analyte 
 Recovery (%) RSD(%) Rrecovery (%) RSD (%) 
Promecarb  91.4 7.5 87.9 6.9 
Carbofuran  88.9 8.8 95.4 9.0 
Propham  107.1 7.4 102.1 6.8 
Carbaryl  93.6 6.1 98.6 5.7 
Methiocarb  98.3 4.7 100.7 5.5 




Figure 4-8 Chromatogram of spiked river water sample (2.0 µg/L for each analyte) 
extracted by LDS-USAEME under the most favorable conditions. (1) Promecarb, (2) 
Carbofuran, (3) Propham, (4) Carbaryl, (5) Methiocarb, (6) Chlorpropham. 
 
4.4 Conclusion 
This work demonstrated a fast, simple, and efficient method to extract and analyze 
carbamate pesticides at trace levels in river water samples. Employing a disposable 
plastic Pasteur pipette as extraction device, a lower-density-than-water solvent was 
utilized as the extraction solvent in LDS-USAEME. This approach affords operational 
convenience and practicality in using lower-density-than-water solvents in USAEME, 
making it easier to expand the range of available solvents for this DLLME method. 
Furthermore, LDS-USAEME was rapid (less than 10 min), as was the GC–MS 
analysis (～13 min). Also, the combination of LDS-USAEME with on-column 
derivatization simplified the operation significantly. The method offers good LODs in 
the sub-parts-per-billion level, as well as good linearity and repeatability. The 
LDS-USAEME with on-column derivatization and GC–MS analysis was shown to be 
a fast and efficient for the determination of carbamate pesticides in aqueous samples. 
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Chapter 5. Electro Membrane Extraction following by Low-Density Solvent 
Based Ultrasound-Assisted Emulsification Microextraction Combined with 




Chlorophenols are some of the more extensively found contaminants in natural waters 
and soils because they are widely used in various agricultural and industrial processes 
[272,273]. The chlorination of drinking water containing aromatic compound 
impurities can also generate some chlorophenols [203]. Owing to their high toxicity 
and potential carcinogenicity, the US EPA and European Union have highlighted 
some of them as priority pollutants in the aquatic environment [274]. 
 
Commonly used analytical methods for the analysis of chlorophenols are HPLC, as 
well as CE [274,275], coupled to UV [1,3], DAD [187,276], FD [277], EC [278], and 
MS [279], and GC combined with MS [208,280,281], FID [282], AED [283], or ECD 
[128,273,284]. However, the quantitative determination of chlorophenols by UV is 
not sensitive at trace levels. Chlorophenols have a strong absorption at about 200 nm 
compared to a rather weak absorption at about 300nm. Using 200 nm (strong 
absorption of chlorophenols) as UV absorption usually suffers from strong 
background absorption, and also undergoing significant interference from other 
compounds such as aromatic hydrocarbons that have absorption at 200 nm. On the 
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other hand, using 300 nm as UV absorption leads to lower sensitivity, since 
chlorophenols have weak absorption at 300 nm [285–287]. MS can overcome the 
shortcomings of UV, but LC–MS is a still relatively expensive instrument [187]. 
Based on its high sensitivity and selectivity, GC–MS affords a more preferred method 
for the analysis of chlorophenols [273]. Due to their high polarity, before analysis by 
GC, chlorophenols are usually derivatized  to improve their thermal stability and 
volatility to obtain good chromatographic performance [187,200]. 
 
In order to achieve low limits of detection and good selectivity for chlorophenols in 
environmental matrices, sample preconcentration such as LLE [288], SPE [289], 
SBME [198], LPME [200,273], LLLME [187], SPME [280,287], and membrane 
extraction [203,274,290], is usually a necessary step before chromatographic analysis. 
 
USAEME is another recently developed solvent-minimized sample extraction method 
[139,292]. However, the extraction solvents used in USAEME are usually limited to 
those with higher density than water to facilitate the collection of organic extract (as 
sedimented phase) after centrifugation. Recently, several studies have reported 
organic solvents with lower density than water are used as extraction solvents for this 
method [147,264-2267,269,272] (as described in Chapter 4). Another drawback of 




EME is a method based on analyte migration from sample solution into acceptor 
solution under an applied electrical potential [88,162,169,170,291]. In this procedure, 
the speed of analyte migration is enhanced under the driving force of electrical 
potential, therefore, reducing extraction time [166]. Additionally, due to the protection 
provided by the membrane, EME can be directly used in complex sample matrices. 
 
In this chapter, EME was combined with low-density solvent based USAEME 
(EME-LDS-USAEME) for the efficient determination of chlorophenols in water 
samples. This method possesses the advantages of both EME and USAEME. The 
target analytes were first extracted by EME. Since the membrane in EME protected 
the acceptor solution from interfering materials, no additional cleanup was required. 
Subsequently, the analytes were further preconcentrated by LDS-USAEME. After 
extraction, the derivatization provides the compatibility of target analytes with 
GC–MS and good chromatographic performance. Under the most favorable 
conditions, the proposed method was validated and employed for the analysis of 
chlorophenols in drainwater samples. 
 
5.2 Experimental section 
5.2.1 Chemicals and materials 
The analytes, 2-chlorophenol (2-CP), 4-chlorophenol (4-CP), 2,4,6-trichlorophenol 
(2,4,6-TCP), and pentachlorophenol (PCP) were bought from Fluka (Buchs, 
Switzerland), while 2,3-dichlorophenol (2,3-DCP) and 2,4-dichlorophenol (2,4-DCP) 
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were supplied by Sigma-Aldrich (Milwaukee, WI, USA). Their physical properties 
are shown in Table 5-1 [48]. N-(tert-butyldimethylsilyl)-N-methyl-trifluoroacetamide 
(MTBSTFA) (97%) was bought from Sigma-Aldrich (Buchs, Switzerland). 1-butanol 
and 1-hexanol were bought from Merck (Darmstadt, Germany). All other chemicals 
used in this chapter were the same as those described earlier in previous chapters. 
 
Table 5-1 Physical properties of target chlorophenolsa. 
Analyte pKa CAS number 
2-CP 8.56 95-57-8 
4-CP 8.81 106-48-9 
2,3-DCP 7.70 576-24-9 
2,4-DCP 7.89 120-83-2 
2,4,6-TCP 5.99 88-06-2 
PCP 4.70 87-86-5 
a Values taken from ref [220]. 
 
The direct current (d.c.) was generated by a multi-channel electrophoresis 
MCE-PS468 power supply (CE Resources, Singapore). Two platinum wires (0.1 mm 
diameter) were used as positive and negative electrodes respectively. All other 
apparatus used in this chapter including Q 3/2 Accurel polypropylene hollow fiber, 
centrifuge, ultrasonic water bath, polyethylene Pasteur pipette, microsyringes, etc. are 
the same as those described earlier in previous chapters. 
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5.2.2. GC–MS analysis 
Sample analyses were carried out on the same GC–MS system and column described 
earlier in Chapter 2. Helium was employed as the carrier gas at a flow rate of 1.7 
mL/min. The injector temperature was set at 280 °C and the interface temperature 
maintained at 300 °C. The GC conditions were as follows: initial oven temperature of 
70 °C for 1 min, increased to 115 °C at 15 °C/min, followed by an increase to 155 °C 
at 3 °C/min; finally, it was increased to 300 °C at 20 °C/min and held for 5 min. The 
solvent cut time was 8.0 min. The derivatized chlorophenols were analyzed in SIM 
mode for quantitative determination. The monitored ions of the derivatives were set as 
follows: 2-CP, m/z 185, 149; 4-CP, m/z 185, 187, 242; 2,3-DCP, m/z 219, 221; 
2,4-DCP, m/z 219, 221; 2,4,6-TCP, m/z 255, 253; and PCP, m/z 323, 325. All the 
injections were in splitless and performed in triplicate. 
 
5.2.3 Sample preparation 
A stock solution was prepared with methanol containing 1000 mg/L of each analyte 
and was stored in the refrigerator at 4 ℃. Water samples were prepared by spiking 
ultrapure water at different known concentrations. Genuine water samples were 
collected from a drain in the campus. The samples were stored at 4  until use. The ℃
samples were processed without any prior filtration or treatment. 
 
5.2.4 EME-LDS-USAEME 
Fig. 5-1 shows the schematic of the EME-LDS-USAEME procedure. In the first step 
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of the extraction (EME), the water sample solution (100 mL) was placed in a 100-mL 
reagent bottle (Schott, Duran, Germany). A polypropylene envelope (3.0 cm length × 
1.5 cm width) was prepared by heat-sealing the three edges of a folded membrane 
sheet. A 1-mL of acceptor solution was introduced into the envelope by a syringe. The 
envelope was immersed in 1-octanol for 25 s to form the supported liquid membrane 
(SLM), and was then suspended in the sample solution. To begin the EME, the 
positive electrode was placed in the acceptor solution while the negative electrode 
was placed in the sample solution. The potential was applied and the sample solution 
was agitated by a magnetic stirrer. The separation was carried out at room temperature 
(～23 ). ℃ After a certain extraction time, the acceptor solution was collected by a 
syringe and was transferred to a plastic Pasteur pipette. This served as the sample for 
the second extraction step. In the pipette, HCl (0.01M) was added to adjust the pH of 
the solution. A suitable volume of ultrapure water was added to increase the amount 
of solution to ～ 3 mL for the second step of the extraction (LDS-USAEME 
procedure). This was for no other reason than to have a suitably convenient amount of 
sample for the extraction. 
 
In LDS-USAEME, a 30 µL volume of extraction solvent was injected into the sample 
solution. The pipette was then immersed in an ultrasonic water bath for extraction at 
room temperature. After extraction, the emulsion was separated into two phases by 
centrifugation, and the organic extract was conveniently collected. One microliter of 
the extract combined with one microliter of the derivatization reagent was injected 
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into the GC–MS system for analysis. 
 
    
Figure 5-1. Schematic of EME-LDS-USAEME: (a) EME (first step) and (b) 
LDS-USAEME (second step). For clarity, the schematic is not to scale. In (b), (A) 
aqueous sample solution, (B) emulsification, (C) emulsion is broken, (D) collection of 
the organic extract. 
 
5.3 Results and discussion 
5.3.1 Derivatization 
In this method, the chlorophenols were derivatized with MTBSTFA to enhance their 
volatilities and make them suitable for GC analysis. Different volume ratios of 
extract:MTBSTFA (5:1, 2:1, 1:1, 1:2, and 1:5) were evaluated. The results are shown 
in Fig. 5-2. When a lower proportion of MTBSTFA such as 5:1 was used, lower peak 
areas were observed, especially for 2-CP and 4-CP, possibly indicating incomplete 
derivatization. With the increase of the extract:MTBSTFA ratio from 5:1 to 2:1, the 
peak areas increased and reach the maxima at a ratio of 1:1 for most of the analytes, 
only except for 2,4,6-TCP, of which the peak areas showed no significant increase. 
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When the extract:MTBSTFA ratios were raised from 1:1 to 1:5, the peak areas for all 
analytes decreased. It is conceivable that a higher proportion of MTBSTFA may 
damage the GC column due to the derivatization of the siloxane groups [166]. Thus, 























Figure 5-2 Effect of extract:MTBSTFA ratios on extraction 
 
5.3.2 Optimization 
5.3.2.1 Type of organic solvent for SLM 
In the EME, the SLM served as an intermediary medium to aid in the transfer of 
analytes from the donor solution to the acceptor solution [165,166,168]. Some 
considerations should be met in selecting an organic solvent. Firstly, the solvent 
should have a dipole or sufficient electrical conductivity to allow an electrical field to 
be established between the donor solution and the acceptor solution. Secondly, the 
chemical properties of the organic solvent should be suitable for the analytes, 
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enabling their electrokinetic migration and phase transfer across the membrane. 
Thirdly, the solvent should be compatible with the membrane, so as to be impregnated 
well within the membrane, and also be immiscible in water to avoid loss in the sample 
solution. Additionally, a lower boiling point of solvent is undesirable; otherwise, 
solvent loss due to Joule heating generated under the electrical potential [165], may 
occur.  
 
Considering these factors, based on the literature and our own experience, five 
organic solvents including 1-octanol, n-hexane, toluene, 1-butanol, and 1-hexanol 
were investigated. It can be clearly seen from Fig. 5-3 that 1-octanol gave the highest 
peak areas, followed by 1-butanol and 1-hexanol, and then toluene and n-hexane. The 
lower peak areas obtained with toluene and n-hexane may be partly explained by their 
relatively lower volatilities and densities [166]. 1-Butanol and 1-hexanol gave 
relatively high peak areas for some of the analytes, while 1-ocatnol gave the best peak 
areas for all of the analytes, especially for PCP. Hence, 1-octanol was selected as the 



























Figure 5-3 Effect of type of support liquid membrane on extraction 
 
5.3.2.2 Voltage of EME 
In EME, the migration of analytes from the donor solution across the SLM into the 
acceptor solution is greatly influenced by the electrical potential. To study the effect 
of electrical potential on the extraction, a series of extractions were performed with 
the voltages in the range of 0, 10, 20, 50, 100, and 200 V. The results are summarized 
in Fig. 5-4. The peak areas increased as the voltage changed from 0 to 50 V. This 
result is in accordance with the modified Nernst-Planck equation, by which the 
migration of the analytes was enhanced with the increased electrical potential applied 




























Figure 5-4 Effect of applied voltage on extraction 
 
This observation could be explained by consideration of two factors. First, in the 
EME procedure the electrolytic reactions, taking place with the extraction 
simultaneously, are as follows [160]: 
positive electrode (acceptor solution):  
H2O → 2H+ +1/2O2+2e–                        (1) 
while at negative electrode (donor solution), this reaction takes place: 
2H+ + 2 e– → H2                              (2) 
Under a higher voltage, the electrolysis of water at the positive electrode increased, 
leading to the increase of hydronium ions; thus, the pH of the acceptor solution 
decreased. As a result of the decrease of pH of the acceptor solution, the distribution 
of analytes from the acceptor solution into the SLM occurred, thus counteracting the 
extraction [168,173]. Second, under a higher voltage, bubble formation at the 
electrodes produced by electrolysis could lead to the instability of the migration of the 
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analytes, thus, affecting negatively the extraction [166, 293]. In this work, the relative 
high volumes of the donor solution and the acceptor solution could partly suppress 
these negative affects induced under a higher voltage, which was conceivably 
beneficial to the extraction [160].  
 
5.3.2.3 EME duration 
At a constant applied voltage, the duration of EME was varied from 0 to 20 min to 
study the extraction performance. Fig. 5-5 shows the EME time profiles. With the 
increase of extraction time from 0 to 5 min, the peak areas of all analytes increased 
rapidly. After 5 min, the peak areas of 2,4,6-TCP and PCP increased gradually, up to 
ca. 10 min, and then decreased, while for other analytes, equilibrium was attained 
after 5 min of EME, and remained so for 10 min or 15 min. Depending on the 
analytes, extraction decreased after 10 or 15 min. 
 
EME is a time-dependent process like that of conventional LPME. However, the 
equilibrium of mass migration could be achieved rapidly. However, the flattering of 
the extraction profile was only temporary, and extraction decreased subsequently as 
EME proceeded. According to equation (1), as EME progressed, the decrease of pH of 
the acceptor solution would conceivably lead to the back extraction of analytes into 
the SLM [168]. Another possible explanation for the observation is that, with the 
increase of extraction time, the saturation of analytes in the acceptor solution could 
result in back extraction of analytes into the SLM [166]. Given these results, 10 min 
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Figure 5-5 EME time profiles 
 
5.3.2.4 Effect of pH of donor and acceptor solution 
In EME, the analytes should be in their ionized forms in both the donor and the 
acceptor solutions. Based on the pKa values for all analytes (listed in Table 1), the pH 
of both the donor and the acceptor solutions were studied in the range of 9, 10, 11, 12, 
and 13, which are higher than the pKa values of all analytes so as to ensure they were 











































(a)                                  (b) 
Figure 5-6 Effect of pH values of (a) donor solution and (b) acceptor solution on 
extraction. 
 
As expected, peak areas for all analytes increased as the pH of the donor solution was 
increased from 9 to 12 (Fig. 5-6(a)). This can be explained by the complete ionization 
of analytes in a higher pH solution, which is beneficial for the migration of analytes 
under electrical potential. When the pH is above 12, the ionic strength of the solution 
might be affected greatly by the competitive ions induced in adjusting the pH of the 
solution, thus affecting the migration of analytes [165]. Fig. 5-6(b) depicts the effect 
of pH of the acceptor solution. A higher pH in the acceptor solution was required to 
maintain the analytes in their ionized forms and prevent them from being back 
extracted into the SLM, as well as to suppress the decrease of pH resulting from the 
electrolysis of water (Equation (1) above). On the other hand, in a higher pH solution, 
the competitive ions induced during the pH adjustment will affect the migration of 




5.3.2.5 Effect of agitation speed 
The agitation speed was investigated from 100 to 1250 rpm. The results are shown in 
Fig. 5-7. With increasing agitation speed from 100 to 1000 rpm, the peak areas of all 
analytes increased, but at different rates. The peak areas of 2,4,6-TCP and PCP 
showed rapid increases at a relatively higher agitation speed, while the peak areas of 
other analytes increased rapidly at a relatively lower agitation speed and only 
increased slowly at a higher agitation speed. Above 1000 rpm, the peak areas for all 
the analytes had no significant increase, or decreased a little, depending on the 
analytes.  
 
As in LPME, in general, in EME, agitation is also an important factor to promote 
mass transfer, especially for large volume sample solution, in which the enhanced 
agitation speed serves to improve the convection in the sample solution as well as to 
reduce the thickness of boundary layer between the SLM and the sample solution. 
Both favor the extraction process [159,163]. On the other hand, under a higher 
agitation speed over 1000 rpm, bubbles were observed in the sample solution, 
affecting the extraction negatively [165]. Additionally, above 1000 rpm, loss of SLM 
may potentially occur, thus also affecting the extraction efficiency and precision. 





























Figure 5-7 Effect of agitation speed on extraction. 
 
5.3.2.6 Effect of ionic strength 
The salting-out effect, widely used in conventional LLME and SPME to improve 
extraction efficiency by reducing the solubility of analytes in the sample solution, was 
investigated by adding sodium chloride (NaCl) in the range of 0 to 30 % (w/v) to the 
sample solution. The results (not shown) indicated that the peak areas decreased with 
the addition of NaCl. This observation is in accordance with the previous report [32]. 
With the addition of NaCl, the concentration of chloride ion increased. The increased 
ionic strength in the system decreased the migration of analytes across the SLM into 
the acceptor solution, as has been demonstrated before [161]. Thus, salt addition was 
not undertaken in this work. 
 
5.3.2.7 Extraction solvent and its volume of LDS-USAEME 
In LDS-USAEME, the extraction solvent is an important factor as described in 
Chapter 4. Five organic solvents that met these considerations, n-hexane (density, 
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d=0.66 g/mL, 20 ), ℃ o-xylene (d=0.88 g/mL), toluene (d=0.87 g/mL), cyclohexane 
(d=0.78 g/mL) and 1-octanol (d=0.82 g/mL) [43], were investigated. 
 
Studies were performed by using 30 µL of these solvents as extraction solvents. Fig. 
5-8 shows that the highest peak areas were obtained by 1-octanol, followed by toluene, 
and then o-xylene, and finally n-hexane and cyclohexane. Since the peak areas 
obtained by toluene and 1-octanol were comparable, and higher than those obtained 
by other solvents, and also considering its relatively better GG–MS performance 























Figure 5-8 Effect of type of the extraction solvent of USAEME on extraction. 
 
The volume of extraction solvent is another important factor. Volumes of 15, 20, 30, 
40, and 50 µL of toluene were evaluated. As expected, with the volume of toluene 
increased, the peak areas decreased correspondingly (due to dilution). However, a 
lower volume of extraction solvent led to difficulty in collecting the organic extract 
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after centrifugation and reduced repeatability of the results. For satisfactory analytical 
considerations and ease of extract collection, 30 µL was adopted to be the suitable 
extraction solvent volume. 
 
5.3.2.8. Ultrasonication time and temperature 
The duration of ultrasonication, defined as the interval between the beginning of the 
emulsification and the time at which the emulsion was centrifuged, was performed for 
1, 2, 5, 10, and 20 min to study its effect on the extraction. The results (Fig. 5-9) 
demonstrated that the extraction is generally independent the extraction time. Thus, 2 
min was set to ensure complete extraction, and also in the interest of keeping overall 
analysis time to a minimum. 
 
The temperature during ultrasound application (2 min) was studied in the range of 23 
(ambient temperature), 30, 40, 50, and 60 , respectively.  The results (not shown) ℃
indicated that the temperature had no significant effect on extraction. The explanation 
























Figure 5-9 USAEME time profiles. 
 
5.3.2.9. Speed and time of centrifugation 
The studies of centrifugation speed and time were the same as that described in 
Chapter 4. Centrifugation at 4000 rpm for 4 min was sufficient for complete 
separation of phases.  
 
Based on the aforementioned discussion, the most favorable extraction conditions for 
EME-LDS-USAEME were as follows: EME under 50 V voltage for 10 min with pH 
of 12 for both the sample and the acceptor solutions; 1-octanol as SLM; 1000 rpm 
agitation speed and no addition of salt; 30 µL toluene as extraction solvent for 
LDS-USAEME for 2 min followed by centrifugation at 4000 rpm for 4 min.  
 
5.3.3 Method validation 
All the validation data are summarized in Table 5-2. Calibration plots were obtained 
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over the range of 0.05–10 µg/L for PCP, 0.2–10 µg/L for 2,4,6-TCP, and 0.1–10 µg/L 
for all other analytes, and the correlation coefficients (r) were between 0.9832 and 
0.9978. RSDs were between 4.9 % and 9.7 %, showing good repeatability of the 
method. Enrichment factor, defined as the ratio of the final analyte concentrations 
(based on peak areas) after extraction and the initial analyte concentrations in the 
sample solution, were between 1450 and 2198. The LODs were in the range of 0.005 
to 0.020 µg/L and the LOQs were determined to be from 0.030 to 0.070 µg/L. 
 
Table 5-2 Linear range, LOD, LOQ, enrichment factor, and precision of 















2-CP 0.1–10 0.9925 0.008 0.030 1976 5.1 
4-CP 0.1–10 0.9853 0.010 0.040 1536 8.0 
2,3-DCP 0.1–10 0.9919 0.008 0.030 1893 6.6 
2,4-DCP 0.1–10 0.9876 0.010 0.040 1729 7.8 
2,4,6-TCP 0.2–10 0.9832 0.020 0.070 1450 9.7 
PCP 0.05–10 0.9978 0.005 0.030 2198 4.9 
a: spiked at 1.0 µg/L. 
b: spiked a LOQ levels. 
 
5.3.4 Genuine water sample analysis 
Genuine samples collected from a drain in the campus were analyzed by the 
developed method. However, no target analytes were found in the drainwater samples, 
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indicating either these contaminants were not present or they were below the LODs 
(this is to be expected since the location is not in an industrial region). 
 
The samples were spiked with standards at concentrations of 10 or 1.0 µg/L of each 
analyte to assess matrix effects. Fig. 5-10 shows a chromatogram of a spiked 
drainwater sample extract. The relative recoveries of six analytes at two different 
spiked concentrations, shown in Table 5-3, were in the range of 78% and 104%, 
respectively. It is obvious that the matrix has only a minor effect on this method. 
 
Table 5-3 Summary of results from analysis of chlorophenols in spiked genuine 
drainwater samples by EME-LDS-USAEME. 
 
Spiked drainwater (10 µg/L)  Spiked drainwater (1.0 µg/L)  
Analyte 
Recovery (%) RSD (%)a  Recovery (%) RSD (%)a 
2-CP 95 8.6  99 5.6 
4-CP 86 9.0  82 8.2 
2,3-DCP 97 6.9  103 7.8 
2,4-DCP 88 8.2  93 6.7 
2,4,6-TCP 78 9.2  84 9.1 






Figure 5-10 Chromatogram of a spiked drainwater sample (10 µg/L for each analyte) 
extract under the most favorable extraction conditions as described in the text. (1) 
2-CP, (2) 4-CP, (3) 2,4-DCP, (4) 2,3-DCP, (5) 2,4,6-TCP, and (6) PCP. 
 
5.4 Conclusion 
In this work, electro membrane extraction followed by low-density solvent based 
USAEME (EME-LDS-USAEME) was developed for the extraction of chlorophenols 
in water, combined with derivatization and analysis by GC–MS.  
 
The proposed method possesses some interesting features. Firstly, the method can 
achieve high enrichment factors (up to 2198). Under the most favorable conditions, 
the method is capable of achieving particularly good limits of detection (as low as 
0.005 to 0.020 µg/L), as well as good linearity and acceptable repeatability. Secondly, 
the membrane used for containing the acceptor solution in EME can act as a filter to 
exclude potential interfering materials. Thus, the method could be directly used for 
complex matrices, overcoming the shortcomings of conventional USAEME. Thirdly, 
in the LDS-USAEME step, by using a plastic Pasteur pipette as the extraction device, 
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the LDS-USAEME employed an extraction solvent with lower density than water, 
broadening the range of organic solvents for, and expanding the applicability of, the 
DLLME step of the procedure. Additionally, the method is cost-effective and simple 
to operate, as well as quick, since both the EME and USAEME are fast extraction 
procedures. The procedure was demonstrated to be a simple, fast and effective method 


















Chapter 6. Low-Density Solvent-Based Solvent Demulsification Dispersive 
Liquid-Liquid Microextraction for the Fast Determination of Trace Levels of 




Sample extraction plays a key role in modern analytical methodology, which affects 
the accuracy and precision of the final results. In the past few years, many research 
efforts have been oriented towards the development of efficient, miniaturized and 
environmentally benign sample extraction methods, such as SPME [19,294-298] and 
LPME [47,50,58,299,300].  
 
SPME has some drawbacks, such as fiber fragile and expensive, carry over problems. 
LPME approaches are much more cost-effective, and can be used in many different 
modes, such as SDME [301], dynamic LPME [96,302], HF-LPME [227,303,304], 
SBME [101], headspace LPME [66], and CF-LPME [71]. However, to conduct these 
extractions to completion (equilibrium or non-equilibrium states); a considerable 
extraction time is required.  
 
DLLME features rapid analysis, simple operation, and high enrichment [114,116,305], 
and has been applied to a wide variety of organic compounds. As an improvement of 
DLLME, in recent years, organic solvents with lower density than water have been 
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studied as the extraction solvent, broadening the applicability of the procedure 
[130,147,264,306] (as described in Chapter 4 and Chapter 5). However, the 
centrifugation, used to break up the emulsion, is still an extra time-consuming step in 
DLLME. 
 
Very recently, solvent-terminated DLLME was developed by Li [266], which avoided 
centrifugation, thereby simplifying the operation and speeding up the extraction 
procedure. This method was also applied to the determination of organochlorine 
pesticides in water samples [267]. 
 
In this work, the low-density solvent-based solvent demulsification dispersive 
liquid-liquid microextraction (LDS-SD-DLLME) was for the first time applied for the 
fast determination of sixteen PAHs in rainwater samples. In the proposed procedure, 
n-hexane, a solvent of lower density than water, was used as extraction solvent and 
injected into the aqueous samples with acetone (as dispersive solvent). After a two 
minute extraction, a second aliquot of acetone (as demulsifier) was injected into the 
solution to break the emulsion. This step made centrifugation unnecessary. The 
emulsion rapidly turned clear and separated into two phases, and the upper layer 
(organic extract) was collected and analyzed. Traditional DLLME, USAEME, and 
low density solvent based DLLME were carried out for comparison with the 
performance of LDS-SD-DLLME. Under the optimized microextraction conditions, 
the developed method was applied to analyze genuine rainwater samples. 
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6.2 Experimental Section 
6.2.1 Chemicals and Materials 
The PAH standards (acenaphthene (Ace), acenaphthylene (Acp), anthracene (Ant), 
benz[a]anthracene (BaA), benzo[a]pyrene (BaP), benzo[b]fluoranthene (BbF), 
benzo[k]fluoranthene (BkF), chrysene (Cry), dibenz[a,h]anthracene (DBA), 
indeno[1,2,3-cd]pyrene (InP), fluoranthene (Flt), benzo[g,h,i]perylene (BghiP), 
fluorene (Flu), naphthalene (Nap), phenanthrene (Phe), and pyrene (Pyr)) were bought 
from Supelco (Bellefonte, PA, USA) as a reagent kit. All these 16 PAHs are listed as 
priority pollutants by the USEPA. All other chemicals and reagents used in this 
chapter were the same as those described earlier in previous chapters. 
 
The soft polyethylene Pasteur pipette and microsyringes used here were the same as 
described in Chapter 4. A 1.0 mL syringe was purchased from Hamilton Bonaduz AG 
(Bonaduz, Switzerland) and a 5-mL syringe was bought from HSW (Tuttlingen, 
Germany). 
 
6.2.2 GC–MS Analysis 
Sample analyses were carried out on the same GC–MS system and column described 
earlier in Chapter 2. Helium was used as carrier gas at a flow rate of 1.7 ml/min. All 
injections were in splitless mode and performed in triplicate. The injector temperature 
was 280 °C and the interface temperature was 300 °C. The GC oven was initially held 
at 70 °C for 2 min and then programmed to 190 °C at 15 °C/min. After being kept at 
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190 °C for 1 min, the oven was programmed to 260 °C at 10 °C/min. Finally, it was 
programmed to 285 °C at 5 °C/min and held for 5 min. The masses monitored by the 
detector were set as follows: 6−8 min, m/z 128, 129, 127, 102; 8−9.5 min, m/z 152, 
153, 151, 154; 9.5−10.8 min, m/z 166, 165, 167, 139; 10.8−13 min, m/z 178, 176, 179, 
152; 13−16 min, m/z 202, 203, 200, 101; 16−20 min, m/z 228, 226, 229, 227, 252; 
20−23 min, m/z 253, 252, 250, 126; 23−28 min, m/z 276, 278, 277, 138. PAH 
standards and samples were analyzed in SIM mode for quantitative determination of 
the analytes: Nap, m/z 128, 129, 127, 102; Acp, m/z 152, 153, 151; Ace, 153, 154, 152; 
Flu, m/z 166, 165, 167; Phe, m/z 178, 176, 179; Ant, m/z 178, 179, 176; Flt, m/z 202, 
203, 200, 101; Pyr, m/z 202, 200, 203, 101; Cry, m/z 228, 226, 229; BaA, m/z 228, 
226, 227, 229, 252; BbF, m/z 252, 253, 250; BkF, m/z 252, 250, 126; BaP, m/z 252, 
253, 250, 126; InP, m/z, 276, 277, 138; DBA, m/z 278, 276; BghiP, m/z 276, 277, 138. 
 
6.2.3 Sample preparation 
A stock solution containing 10 mg/L of each analyte was prepared by diluting the 
standard PAH kit in methanol. Water samples were prepared by spiking ultrapure 
water with analytes at known concentrations (25 µg/L). Genuine rainwater samples 
were collected from three locations in the campus. The rainwater samples were 
extracted and analyzed without any prior treatment or filtration to avoid loss of PAHs. 
 
6.2.4 LDS-SD-DLLME 
Fig. 6-1 shows the LDS-SD-DLLME procedure. Briefly [266], an aliquot of 5 mL of 
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sample solution was placed in a soft polyethylene Pasteur pipette. A mixture of 50 µL 
of n-hexane (extraction solvent) and 500 µL acetone (dispersive solvent) was injected 
rapidly into the sample solution to form an emulsion. After 2 min extraction, a second 
500 µL aliquot of acetone (demulsification solvent) was injected into the solution to 
break down the emulsion. The mixture cleared and separated into two phases. The 
upper layer (organic extract) was collected using a microsyringe. One microlitre of 




Figure 6-1 The LDS-SD-DLLME procedure. (A) Injection of mixture of extraction 
solvent and dispersive solvent into aqueous sample solution, (B) Emulsion of 
extraction solvent, dispersive solvent, and aqueous sample, (C) Injection of 
demulsification solvent, (D) Emulsion is broken and separated into two phases, (E) 
Squeezing the pipette to make the upper layer (organic extract) move into narrow 




6.3 Results and discussion 
6.3.1 Comparative studies 
The performance of LDS-SD-DLLM was compared with conventional DLLME, low 
density solvent-based DLLME (LDS-DLLME), and USAEME. Spiked ultrapure 
water samples (5 µg/L for each PAH) were used for the comparative extractions.  
 
6.3.1.1 Conventional DLLME 
For DLLME, a 5 mL water sample was placed in a conical centrifuge tube. A mixture 
of 50 µL chloroform (extraction solvent) and 500 µL acetone (dispersive solvent) was 
rapidly injected into the aqueous solution to form an emulsion. After extraction, the 
organic extract was sedimented at the bottom of the conical centrifuge tube by 
centrifugation and was collected. One microliter of extract was injected into the 
GC–MS system for analysis.  
 
6.3.1.2 LDS-DLLME 
A 5-mL aqueous sample was placed in a soft polyethylene pipette. A mixture of 50 
µL of n-hexane (extraction solvent) and 500 µL acetone (dispersive solvent) was 
injected rapidly into the sample solution to form an emulsion. The emulsion was 
centrifuged to separate the mixture into two phases. The upper layer (organic extract) 





A Pasteur pipette filled with 5-mL of aqueous sample was immersed in an ultrasonic 
water bath, and then a 50 µL of extraction solvent (n-hexane) was injected into the 
sample solution. The extraction was performed at 25 . After extraction, the ℃
emulsion was separated into two phases by centrifugation. The upper layer (organic 












































































Figure 6-2 Comparison of DLLME, USAEME, LDS-DLLME, and LDS-SD-DLLME. 
 
It can be clearly seen from Fig. 6-2 that all four procedures gave comparatively 
acceptable extraction recoveries. However, the n-hexane, used as extraction solvent in 
the proposed method, is much less toxic in comparison with the chlorinated solvents 
widely used as extraction solvents in conventional DLLME. Furthermore, the 
proposed method uses a low density solvent as extractant, overcoming the limited 
variety of high density extraction solvents necessitated by the centrifugation-based 
collection of the extractant. Most importantly, the proposed technique was faster than 
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conventional DLLME, LDS-DLLME, and USAEME because centrifugation is 
unnecessary, which, although it is only for 4 min, is the most time-consuming step in 
the other three methods compared. In addition, there was no extra equipment or 
apparatus required for the proposed method including a centrifuge or an ultrasonicator, 
which are both widely used in normal DLLME approaches. Needing only a plastic 
pipette, without the necessity of a centrifuge and an ultrasonicator, the present 
approach provides the potential of performing DLLME in the field. 
 
6.3.2 Optimization 
In order to determine the most favorable conditions of the LDS-SD-DLLME 
procedure, the effect of different extraction parameters were studied in terms of the 
extraction recovery (as defined in Chapter 4) of analytes. All optimization 
experiments were performed in triplicate.  
 
6.3.2.1 The selection of extraction solvent 
The selection of extraction solvent should meet some conditions as described in 
Chapter 4. Five low density organic solvents were evaluated as extraction solvent 
including 1-octanol (density, d=0.827 gmL-1), n-hexane (d=0.659 gmL-1), toluene 
(d=0.865 gmL-1), cyclohexane (d=0.779 gmL-1), and o-xylene (d=0.88 gmL-1). A 
series of experiments were performed using 500-µL acetone as dispersive solvent and 
another 500-µL acetone as demulsification solvent. Recoveries were compared and 
the results are shown in Fig. 6-3. The figure shows that n-hexane and 1-octanol have 
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comparable extraction recoveries which were higher than those obtained by other 
solvents for most analytes. Considering its good GC-MS performance (better peak 




























































Figure 6-3 Effect of type of extraction solvent on extraction efficiency. 
 
6.3.2.2 The volume of the extraction solvent 
The effect of extraction solvent volume was studied with 500 µL acetone and different 
volumes of n-hexane (30, 40, 50, 60, and 70 µL). As can be seen from Fig. 6-4, the 
extraction recoveries for most PAHs increased with the increase of extraction solvent 
volume from 30 to 50 µL; beyond 50 uL, there was either a flattening out of the 
profile, or slight decrease, depending on the analytes. This observation has been 
reported previously [264,266]. In the proposed method, the initial volume of 
extraction solvent of less than 30 µL resulted in difficulty in collecting the upper layer. 
On the other hand, a much higher volume led to a lower precision due to the 
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evaporation of the upper layer [264], and was also disadvantageous in terms of the 
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Figure 6-4 Effect of extraction solvent volume on extraction efficiency. 
 
6.3.2.3 Selection of dispersive solvent and demulsification solvent  
Three commonly used dispersive solvents, acetone, acetonitrile, and methanol, were 
evaluated. A series of sample solutions were extracted with a mixture of 500 µL of 
each dispersive solvent and 50 µL of n-hexane. To simplify the selection process, 
another 500 µL of the same solvent was used as demulsifier. From Fig. 6-5, it is clear 
that the highest extraction recovery was obtained when acetone was used as dispersive 





































Figure 6-5 Effect of type of dispersive solvent and demusification solvent. 
 
6.3.2.4 Volume of the dispersive solvent and the demulsification solvent 
Furthermore, the effect of the volume of dispersive solvent and demusification solvent 
on the extraction efficiency was investigated. A series of volumes of acetone (600, 
800, 1000, 1500, and 2000 µL) were divided into two equal aliquots. An aliquot was 
injected into sample solution with 50 µL extraction solvent, serving as dispersive 
solvent. After a certain extraction time, the other aliquot was injected into the aqueous 
sample to break the emulsion. The results are shown in Fig. 6-6. It may be observed 














































































Figure 6-6 Effect of volume of dispersive solvent and demusification solvent. 
 
6.3.2.5 Extraction time profiles 
In LDS-SD-DLLME, the extraction time is defined as the time between the injection 
of the mixture of extraction solvent and dispersive solvent, and that at which the 
demusification solvent was injected [266]. In order to evaluate the effect of extraction 
time, extraction was carried out for 1, 2, 5, 10, and 20 min, respectively. Fig. 6-7 
shows the extraction time profiles. The extraction time has no significant effect on the 
extraction efficiencies for all PAHs. One min of extraction time was enough to 
achieve high extraction recovery. The extraction time was set at 2 min, rather than at, 
for example, 1 min to ensure complete extraction.  
 
On the basis of the above discussion, the most suitable extraction conditions for 
LDS-SD-DLLME were as follows: 50 µL n-hexane as extraction solvent with 500 µL 
acetone as dispersive solvent; extraction for 2 min; and demulsification with 500 µL 
acetone. All the following experiments were carried out under these conditions. Fig. 
6-8 shows a chromatogram of spiked ultrapure water sample (25 µg/L of each analyte) 
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Figure 6-8 Chromatogram of spiked ultrapure water sample (25 µg/L for each analyte) 
extract under the most favorable extraction conditions as described in the text. 
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6.3.3 Method validation 
Table 6-1 lists the regression data, LODs, LOQs, and recovery obtained by the 
developed method.  
 
Table 6-1 Linear range, LOD, LOQ, recovery, and precision of PAHs of 
LDS-SD-DLLME method. 
 












Nap 0.1-50 0.9876 32.8 112 78.9 6.2 
Acp 0.1-50 0.9902 21.3 91 82.3 9.4 
Ace 0.05-50 0.9891 19.5 72 88.7 6.6 
Flu 0.05-50 0.9943 15.6 63 90.1 5.1 
Phe 0.05-50 0.9910 3.7 10 85.2 5.6 
Ant 0.05-50 0.9907 10.9 37 89.5 3.5 
Flt 0.05-50 0.9853 4.8 18 91.4 4.1 
Pyr 0.05-50 0.9965 6.7 27 94.6 4.3 
Cry 0.1-50 0.9928 16.6 59 75.2 7.5 
BaA 0.1-50 0.9922 29.2 147 78.3 8.3 
BbF 0.1-50 0.9879 28.4 118 81.9 6.9 
BkF 0.1-50 0.9936 21.2 79 74.8 9.3 
BaP 0.2-50 0.9869 39.1 139 68.3 9.9 
InP 0.2-50 0.9914 28.6 108 77.1 8.6 
DBA 0.2-50 0.9803 33.0 113 67.5 10.2 
BghiP 0.2-50 0.9881 27.3 128 81.7 8.7 
 
The linearity was in the range of 0.05-50 µg/L, 0.1-50 µg/L, and 0.2-50 µg/L, with 
correlation coefficients ranging between 0.9803 and 0.9965 for all the analytes. The 
131 
repeatability was studied for five replicate analyses of the spiked samples (at 
concentrations close to the LOQ) under the same operational parameters. The RSDs 
were satisfactory, ranging from 3.5 % to 11% for all the PAHs, showing the good 
repeatability of the method. The LODs, (calculated at S/N=3) ranged between 3.7 and 
39.1 ng/L. The LOQs, (calculated as S/N=10) were from 0.01 to 0.15 µg/L. 
 
6.3.4 Genuine water sample analysis 
The developed approach was applied to determine PAHs in genuine rainwater samples. 
Each rainwater sample was divided into three parts and analyzed in parallel. The 
results are summarized in Table 6-2.  
 
PAHs were found in all analyzed samples. Concentrations ranging from non-detected 
to 0.61 µg/L, dominated by low molecular weight PAHs, Nap, Acp, Ace, and Phe, due 
to their relatively higher water solubility, were measured. Especially, the predominant 
concentration of Nap would conceivably be a result of its lower vapor pressure and 
higher water solubility in comparison with other PAHs. In addition, Nap is easily 
trapped by rain droplets in the atmosphere [296,307,308]. Similar concentration levels 
of PAHs were reported in previous studies [223,296,297,309]. The results indicated 





Table 6-2 PAHs in genuine rainwater samples determined by LDS-SD-DLLME. 













Nap 0.53 8.2 0.61 10.7  0.44 6.3 
Acp 0.24 6.8 0.15 7.6  0.22 8.9 
Ace 0.13 8.1 0.16 9.4  0.16 7.7 
Flu nd  nd   nd   
Phe 0.12 11.3 0.12 6.2  0.11 10.6 
Ant nd  nd   nd  
Flt nd  nd   nd  
Pyr nd  nd   nd  
Cry 0.03 9.5 0.01 7.4  0.01 8.2 
BaA nd  nd   nd  
BbF nd  nd   nd  
BkF 0.05 11.2 0.02 9.9  0.02 8.5 
BaP 0.08 7.2 0.11 9.1  0.08 10.3 
InP nd  nd   nd  
DBA 0.13 10.5 0.12 7.9  0.12 11.8 
BghiP nd  nd   nd  






Low-density solvent-based solvent demulsification dispersive liquid-liquid 
microextraction (LDS-SD-DLLME) was developed and for the first time applied for 
determining PAHs in rainwater samples. A low density solvent, n-hexane, was 
successfully used in conjunction with a soft polyethylene pipette that allowed 
convenient operation of the procedure. As is well known, speed of extraction is the 
most significant feature of DLLME. This present technique was demonstrated to have 
this characteristic, as well as high extraction efficiency. The extraction could be 
achieved in 2 min. Coupled with GC-MS analysis, the proposed method exhibited 
good linearity and acceptable repeatability, and particularly good LOD in the 
sub-parts-per-billion range (ng/L). LDS-SD-DLLME, does not need electricity-driver 
equipment (ultrasonicator and centrifuge), and thus has the potential to be performed 











Chapter 7. Development of multiwalled carbon nanotubes based 
micro-solid-phase extraction for the determination of trace levels of sixteen 
polycyclic aromatic hydrocarbons in environmental water samples 
 
7.1 Introduction 
Polycyclic aromatic hydrocarbons (PAHs) are a group of organic compounds with two 
or more fused aromatic rings. These ubiquitous environmental pollutants are found in 
all environmental compartments: water, soil and atmosphere. PAHs are mainly 
produced by human activities such as incomplete combustion of fossil fuels or 
carbon-containing organic substances, industrial processes, and domestic burning. 
Natural emissions including volcano eruptions and forest fires can also emit these 
compounds [310]. 
 
PAHs are apolar, and their polarity decreases as the number of aromatic rings 
increases. Due to their high toxicity, potential or proven mutagenicity and 
carcinogenicity, persistent and bioaccumulation properties, PAHs represent a risk to 
the environment and human health [311,312]. The United States Environmental 
Protection Agency (US EPA) highlights sixteen PAHs as priority pollutants. The 
monitoring and determination of PAHs, especially these sixteen PAHs, in the 
environment has received great worldwide interest for several decades.  
 
With good performance in simultaneous separation and identification of analytes, 
135 
GC–MS has been found to be generally suitable for the analysis of PAHs in various 
environmental matrices. As PAHs are usually found in environmental matrices at very 
low concentrations due to their low water solubility [313], the environmental 
monitoring and quantification of PAHs requires sensible sample enrichment 
procedures.  
 
With high efficiency and good recovery, SPE is one of the most commonly used 
sample preparation methods for extraction of PAHs from aqueous matrices [314-316]. 
However, SPE is time-consuming and labor-intensive, and it requires a moderate 
amount of organic solvent. SPME [296,317] and SBSE [318,319] are susceptible to 
the matrices effects in extracting PAHs in different matrices. Alternatively, HS-SPME, 
which has been used for complex matrices, is not suitable for extracting high 
molecular weight analytes. 
 
Carbon nanotubes, especially multiwalled carbon nanotubes (MWCNTs), have 
attracted great attention in recent years. MWCNTs have unique tubular structures, 
excellent chemical, mechanical and electronic properties, and extremely large surface 
area, which allow them to have effective sorption properties with various organic 
compounds, particularly with the benzenoid rings of aromatic molecules [320,321]. 
MWCNTs have been reported as a powerful sorbent for the extraction of a wide 
variety of organic compounds [322,323]. 
 
136 
As introduced earlier, µ-SPE was first reported by Basheer et al. [34]. Compared to 
traditional SPE, µ-SPE requires much less organic solvent and each device can be 
re-used up to 30 times. The µ-SPE also address some disadvantages of SPME, 
including analyte carryover, fiber fragility, and relatively higher cost. 
 
In this work, µ-SPE with MWCNTs as sorbent was developed to determine trace 
levels 16 US EPA priority PAHs in river water samples. The µ-SPE method combines 
analyte extraction and concentration in a single step thus reducing the loss of analytes 
in the extraction procedure. Since protection was afforded by the porous 
polypropylene membrane, no extra cleanup procedure was needed. After extraction, 
the analytes concentrated on MWCNTs could be directly desorbed by solvent using 
ultrasonication and determined by GC–MS. Different sorbent materials including C2, 
C18, graphite fiber, normal granular activated carbon, and HayeSep A were used as 
sorbent in the µ-SPE device for comparison with the performance of the MWCNTs. 
The performance of the established method was compared to the results obtained by 
SPE, SBSE, HS-SPME and DI-SPME. Under the most favorable conditions, the 
µ-SPE method was applied to river water samples. 
 
7.2 Experimental 
7.2.1 Chemicals and materials 
2-propanol was bought from Merck (Darmstadt, Germany). The PAH standards,all 
other chemicals and reagents, and Q3/2 Accurel 2E HF (R/P) polypropylene (PP) 
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sheet membrane used in this work were the same as those described earlier in the 
previous chapters. 
 
Multiwalled carbon nanotubes (MWCNTs) (external diameter= ～ 20-25 nm, 
length=～1-5 microns) were obtained from Strem Chemicals (Newburyport, MA, 
USA). C18 Supelclean SPE cartridges were bought from Supelco. Graphite fibers were 
bought from Johnson-Matthey Materials Technology (Billingham, UK). C2, C18, 
normal granular activated carbon, and HayeSep A were bought from Alltech 
(Deerfield, IL, USA).  
 
The commercial SPME holder for manual use, polydimethylsiloxane (PDMS) fibers 
(100-µm film thickness), and polydimethylsiloxane-divinylbenzene (PDMS/DVB) 
fibers (65-µm film thickness) were obtained from Supelco. Prior to use, the fibers 
were conditioned in the GC injector port at 250 °C for 30 min. The 
polydimethylsiloxilane (PDMS) coated stir bars (10 mm long, 0.5mm film thick) were 
obtained from Gerstel (Mülheim an der Ruhr, Germany). 
 
7.2.2 GC–MS analysis 
Sample analyses were carried out on the same GC–MS system and conditions as those 




7.2.3 Sample preparation 
A stock solution containing 10 mg/L of each analyte was prepared by diluting the 
PAH standard kit with methanol. Water samples were prepared by spiking ultrapure 
water with analytes at a concentration of 25 µg/L. Genuine water samples were 
collected from three locations of a local river. The river water samples were extracted 
without any prior treatment or filtration. 
 
7.2.4 µ-SPE 
Briefly [34], in the µ-SPE device, 3 mg of MWCNTs was employed as sorbent and 
was packed inside an “envelope” (1.0 cm length × 0.5 cm width) made of porous 
polypropylene membrane whose edges were heat-sealed to secure the contents. Each 
prepared µ-SPE device was preconditioned and cleaned by ultrasonication in acetone 
for 10 min and dried in air before use.  
 
To carry out extraction, the µ-SPE device was placed in 20 mL of sample solution that 
was maintained at 60  and stirred at 1000 rpm. Under the agitation, the µ℃ -SPE 
device tumbled freely in the sample solution during the extraction to facilitate mass 
transfer. The analytes diffused through the µ-SPE and adsorbed onto the MWCNTs. 
After a period of extraction time (ea. 30 min), the µ-SPE device was removed from 
the sample solution, rinsed with ultrapure water, dried with lint free tissue, and placed 
in a 1.5 mL autosample vial with a 250 µL glass insert. The analytes were desorbed 
by ultrasonication with 100 µL acetonitrile, and 1 µL of the extract was injected into 
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the GC–MS for analysis. The µ-SPE device could be reused after rinsing with the 
same solvent (acetonitrile). Each analysis was carried out in triplicate. 
 
7.2.5 SPE 
SPE was performed as described previously [314,324]. C18-packed cartridges were 
employed. Before extraction, each cartridge was conditioned using methanol (10 mL), 
n-hexane (10 mL), methanol (10 mL), and ultrapure water (10 mL), consecutively. 
250 mL of sample solution was then passed through the cartridge at a flow rate of 10 
mL/min under vacuum. The filtered water was discarded. The cartridge was washed 
with ultrapure water (10 mL) to remove interferences, and dried by maintaining a 
vacuum for an additional 10 min. Subsequently, analytes retained on the cartridge 
were eluted with 10 ml of n-hexane. The eluent was dried with anhydrous sodium 
sulfate and evaporated to near dryness. Finally, the extractant was redissolved in 200 
µL acetonitrile for GC–MS analysis. 
 
7.2.6 DI-SPME and HS-SPME 
DI-SPME was carried out as described previously [8]. A manual SPME device and an 
SPME fiber coated with PDMS (100 µm thickness) were used. A 10 mL vial was 
filled with 5 mL sample solution. The fiber was totally immersed in the sample 
solution for 60 min to attain extraction equilibrium. The sample solution was 
maintained at 60  and under magnetic stirring (1000 rpm)℃  during the extraction. 
After extraction, the SPME fiber was wiped dry gently with lint free tissue to remove 
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water droplets and was then transferred to the GC injector port for thermal desorption 
of the analytes. Desorption was carried out at the temperature of 280  for 3 min (the ℃
highest permitted temperature for the fiber coating was 280 ). The desorption was ℃
performed in splitless mode. After desorption, the fiber was kept in the injector port 
for an additional 10 min in the split mode to address possible carryover problems.  
Analyses were carried out in triplicate. Blank desorptions were carried out 
periodically to confirm that there were no contamination or carryover effects. 
 
HS-SPME was performed as described previously [317]. Five milliliters of the sample 
solution was placed in a 10 mL vial and sealed with Teflon-lined septa and hole cap. 
For extraction, the PDMS/DVB fiber was exposed to the headspace of the sample at 
90  under magnetic stirring (1000 rpm) for 60 min. These were optimized ℃
conditions. After extraction, the SPME device was dabbed with lint free tissue and 
transferred to the GC injector port for analyte desorption. The rest of the procedure 
including desorption and analysis by GC–MS was the same as in DI-SPME, except 
that the thermal desorption temperature was at 270 .℃  
 
7.2.7 SBSE 
Prior to use, the stir bars were cleaned with acetonitrile and pre-conditioned at 280  ℃
in a nitrogen gas stream for 2 hrs. The extraction was conducted at room temperature 
under magnetic stirring (1000 rpm) for 2 hrs. After extraction, the stir bar was 
removed and dabbed dry with a lint free tissue. The analytes were desorbed by 
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ultrasonication with 200 µL acetonitrile, and 1 µL of the extract was injected into the 
GC–MS system for analysis [318,319]. 
 
7. 3 Results and discussion 
7.3.1 Sorbent selection 
To compare with the performance of MWCNTs as sorbent in µ-SPE, graphite fiber, 
normal granular activated carbon, HayeSep A, C2, and C18 were also evaluated. From 
Fig. 7-1, it can be seen that MWCNTs exhibited the highest extraction efficiency in 













































Graphite fiber Granular activated carbon C18 C2 HayeSep A MWCNTs
 
Figure 7-1 Effect of sorbent type on extraction, 
 
The high surface area and cylindrical shape of graphite fiber allow analytes to be 
adsorbed faster. However, the adsorption efficiency of this material for high molecular 
weight analytes (with four or more aromatic rings) was low [145]. Granular activated 
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carbon also had the same drawback. C18 has a silica surface covered with linear 
octylsilyl chains, providing higher electrostatic interaction, especially with analytes 
containing carboxylic groups, while with analytes with four or more aromatic rings, 
interaction was relatively weaker. C2 showed slightly lower extraction efficiency than 
C18 for most PAHs. The lower extraction efficiency of HayeSep-A was partially as a 
result of hindered interaction with the analytes due to their bulky aromatic rings and 
compact structure [35]. The large surface area afforded by the MWCNTs and their π-π 
electrostatic interactions with the aromatic rings of the analytes facilitated strong 
adsorption between the two species. 
 
7.3.2 Optimization 
In order to evaluate µ-SPE, some key factors were considered. All the experiments 
were performed in triplicate.  
 
7.3.2.1 Amount of sorbent material 
Varying amounts of MWCNTs in µ-SPE devices in the range of 1.0, 3.0, and 5.0 mg 
were evaluated. The results (Fig. 7-2) showed that 3.0 mg of MWCNTs gave the 
highest peak areas for most of the PAHs. Compared to results obtained with 3.0 mg 
MWCNTs, no considerable additional increase in peak areas was observed with 5.0 
mg MWCNTs. It seemed that 1 mg of MWCNT was not enough to extract the 
analytes. For 5 mg of MWCNT, it is possible that the relatively more tightly-packed 
particles confined within the same volume of the envelope as that for 3 mg of sorbent, 
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would affect the extraction negatively. Three micrograms of MWCNT seemed to be 











































1.0 mg 3.0 mg 5.0 mg
 
Figure 7-2 Effect of sorbent amount on extraction. 
 
7.3.2.2 Extraction time profiles 
The extraction time for µ-SPE was investigated from 5 to 50 min. Fig. 7-3 shows the 
extraction time profiles; the peak areas of low molecular weight PAHs reached a 
plateau at 20 min, and decreased or increased slightly with longer extraction time 
depending on different analytes. The peak areas of the higher molecular weight PAHs 
achieved the maxima at 30 min probably due to their lower diffusion coefficients; 
more time was needed to attain equilibrium. These results agree with those of similar 
extraction procedures [310]. 
 
In µ-SPE, analytes are dynamically partitioned between the sample solution and the 
MWCNTs. The extraction efficiency depends on the amount of analytes transferred 
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from the sample solution to the MWCNTs [325]. After a period of time, the dynamic 
partition equilibrium of analytes between the sample solution and the MWCNTs is 
established, at which point the highest extraction is obtained. On the other hand, after 
reaching equilibrium, increasing the extraction time would enhance the movement of 
the more volatile analytes into the headspace, thus making them unavailable for 






































Figure 7-3 Extraction time profiles. 
 
7.3.2.3 Effect of extraction temperature 
In order to evaluate the effect of temperature, experiments were carried out at 25 
(ambient temperature), 40, 50, 60, 70, and 80 ℃. The results are shown in Fig. 7-4. It 
is apparent that the peak areas for most high molecular weight PAHs increased with 
higher temperature of extraction, and reached their maxima at 70 . For the low ℃
molecular weight PAHs, the highest peak areas were achieved at 60 . The greater ℃
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volatility of the lower molecular weight PAHs probably accounts for this observation. 
Above 70 , the peak areas decreased for all the PAHs. ℃  
 
Generally, increasing sample solution temperature can facilitate the migration of 
analytes from aqueous solution to the µ-SPE sorbent, and leading to a faster 
equilibrium [296,202,326,327]. Nonetheless, higher temperature may lead to the 
increase of semi-volatile PAHs being distributed from the aqueous solution to the 
headspace, resulting in the loss of availability of analytes. Moreover, the adsorption 
process is exothermic. With increasing temperature, desorption of the analytes from 
the µ-SPE sorbent would occur. Taking into account the above results, 60  was ℃





































7.3.2.4 Agitation speed 
Like SPME and SBSE, the extraction efficiency of the µ-SPE procedure depends on 
the partitioning rate of analytes between sample solution and sorbent material. 
Agitation is an effective way to enhance the mass transfer. Magnetic stirring speeds 
from 300 to 1250 rpm were investigated. As can been seen from Fig. 7-5, initially, the 
peak areas increased, then the signals for most of the analytes flattened out at a 
stirring speed of 1000 rpm; for three of them, the peak areas decreased. This variation 
is often observed. When the stirring speed was higher than 1000 rpm, bubble 


































Figure 7-5 Effect of agitation speed on extraction. 
 
7.3.2.5 Desorption solvent and desorption time 
After extraction, the analytes were desorbed from the µ-SPE device by ultrosonication 
with a suitable organic solvent. Solvent desorption capabilities were evaluated by 
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using three solvents including acetonitrile, acetone, and hexane. The results are 
compared in Fig. 7-6. It may be observed that acetonitrile gave the best peak areas, 
followed by acetone and hexane. The π-π electrostatic interactions between the higher 
occupied molecular orbital of the aromatic rings of PAHs and the unoccupied 
molecular orbital of acetonitrile [310,328], conceivably contributed significantly to 
the performance of acetonitrile as desorption solvent. 
 
The effect of desorption time was evaluated in the range of 1 to 20 min. Fig. 7-7 
showed that the peak areas of most PAHs increased with the increase in desorption 
time, up to ca. 5 min. Subsequently, some PAHs exhibited decreased peak areas, while 
several others showed slight increases. All things considered, 5 min appears to be a 
reasonable compromise. 
 
In order to test carryover effects, after the first desorption, the same µ-SPE device was 
further desorbed and analyzed under the same conditions. No analyte carryover was 





































































Figure 7-6 Effect of desorption solvent      Figure 7-7 Effect of desorption time 
type on extraction.                      on extraction. 
 
7.3.2.6 Effect of organic modifier 
PAHs can adsorb onto the surfaces of containers, resulting in losses during sampling 
and storage [313,329-332]. It is reported that PAH adsorption could be avoided by 
adding 2-propanol to the sample solution [329]. Different percentages of 2-propanol 
from 0 to 20% (v/v) were added to sample solutions to evaluate this effect. The results 
(Fig. 7-8) demonstrated that the peak areas of most of the PAHs increased with the 
increase of 2-propanol percentage, and reached a plateau at 10%. On the other hand, 
the peak areas for some PAHs decreased when added 2-propanol was higher than 
10%, which was probably due to the increase of PAH solubility in the solvent that 
ironically reduced their availability to the µ-SPE device [330,331]. This observation 
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Figure 7-8 Effect of organic modifier on extraction. 
 
7.3.2.7 Effect of ionic strength 
To investigate the salt-effect [333], various amounts of sodium chloride (ranging from 
0 to 30%, w/v) were added to the sample solution. The results (Fig. 7-9) indicated that 
the highest peak areas were achieved with 10% salt (w/v) in the sample solution. With 
more than 10% salt, no significant increase in peak areas was observed. This 


































Figure 7-9 Effect of ionic strength. 
 
On the basis of the foregoing discussion, the optimized extraction conditions for 
µ-SPE were as follows: 3 mg MWCNTs as µ-SPE sorbent; sample solution containing 
10% 2-propanol (v/v) and 10% sodium chloride (w/v); extraction temperature at 60  ℃
and extraction time of 30 min; agitation speed at 1000 rpm; ultrasonication desorption 
time of 5 min using acetonitrile. 
 
7.3.3 Method validation 
Under the conditions mentioned above, using spiked ultrapure water samples, the 
proposal method was investigated by measuring the linear range, repeatability, LODs, 























Nap 0.2-50 0.9920 13.6 0.05 82.4(6.9) 85.8(5.7) 158 
Acp 0.2-50 0.9902 11.4 0.04 81.0(6.9) 82.3(8.3) 155 
Ace 0.1-50 0.9919 7.0 0.03 89.1(6.3) 90.5(7.2) 168 
Flu 0.1-50 0.9937 6.9 0.03 89.6(5.8) 86.2(5.1) 170 
Phe 0.1-50 0.9956 5.2 0.02 90.3(5.7) 92.4(6.6) 174 
Ant 0.1-50 0.9981 5.2 0.02 92.7(5.3) 90.9(7.0) 183 
Flt 0.1-50 0.9963 4.8 0.02 91.5(6.8) 92.7(8.4) 177 
Pyr 0.1-50 0.9942 4.2 0.02 99.2(4.2) 98.1(5.8) 188 
Cry 0.2-50 0.9987 14.1 0.05 85.7(7.1) 82.6(7.5) 162 
BaA 0.5-50 0.9921 25.3 0.08 83.8(7.8) 81.0(8.1) 160 
BbF 0.5-50 0.9872 26.8 0.09 80.3(8.2) 84.2(9.5) 152 
BkF 0.5-50 0.9902 21.5 0.07 82.3(7.8) 82.8(6.2) 156 
BaP 2.0-50 0.9815 46.5 0.16 74.6(9.2) 78.0(7.3) 138 
InP 1.0-50 0.9882 36.5 0.12 75.7(8.5) 74.9(7.4) 142 
DBA 2.0-50 0.9811 42.1 0.14 72.3(11.5) 71.7(9.8) 132 
BghiP 1.0-50 0.9853 33.7 0.11 78.9(9.4) 82.2(10.1) 147 
a µg/L. 
b Calculated from the samples spiked at LOQ levels. 
c Caculated from the samples spiked at a concentration of 5 µg/L. 
d Calculated from the samples spiked at a concentration of 25 µg/L. 
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The calibration curves were linear in the concentration range of 0.1–50, 0.2–50, 
0.5–50, 1.0–50, and 2.0-50 µg/L, depending on the compounds. The correlation 
coefficients for all PAHs were greater than 0.9811; showing a good linearity 
correlation between concentration and peak areas. The repeatability of the peak areas 
was studied for five replicate analyses of the spiked samples at concentrations near 
the LOQs and 5 µg/L, respectively. The RSDs were below 12% for all the PAHs. The 
LODs ranged between 4.2 and 46.5 ng/L and the LOQs were from 0.02 to 0.16 µg/L.  
 
7.3.4 Comparative studies 
The µ-SPE method was compared to conventional cartridge-based SPE, SBSE, 
HS-SPME, and DI-SPME. A spiked genuine river water sample (25 µg/L for each 
PAH) was used for the comparative study. The spiked river water samples were 
divided into two aliquots. An unfiltered portion was subjected to the various 
extraction methods, while another portion was filtered prior to extraction. 
 
It can be clearly seen from Fig. 7-10 that, for the pre-filtered samples, 2- to 4-ring 
PAHs peak areas obtained by µ-SPE were comparable with results obtained by SPE, 
DI-SPME, HS-SPME, and SBSE, while the peak areas of the PAHs with five or more 
rings by µ-SPE were better than those obtained by SPE and HS-SPME, and 
comparable with results obtained with DI-SPME and SBSE. For the unfiltered 
samples, the peak areas of most PAHs obtained by µ-SPE were better than those of all 
the other methods (shown in Fig. 7-11). It can also be noted that whether the river 
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water samples were filtered or not has effects on the peak areas of the PAHs. This is 
an important observation since in general, PAHs are often partly adsorbed on 
particulates in environmental water samples. If samples were filtered before being 
extracted, the final results would not be fully representative of the total PAH levels in 
real environmental samples. 
 
SPE is a widely used method for the extraction of PAHs in aqueous samples. Here, it 
was determined that the extraction efficiency was not satisfactory for higher 
molecular weight PAHs, which is in accordance with a previous report [335]. 
Compared to µ-SPE, the amount of sample required for SPE was much higher. 
Additionally, the SPE method was highly susceptible to matrix effects. 
 
HS-SPME was found to be efficient for the extraction of PAHs with two to four 
aromatic rings. However, low extraction efficiency was observed in extracting PAHs 
with five or more rings, mainly due to the very low vapour pressures of these analytes. 
Similar results were reported by some other authors [317,336]. Higher extraction 
temperature would enhance the extraction of these PAHs. However since absorption is 
an exothermic process, there is a limit to the elevated temperature needed for 
enhancing HS-SPME. 
 
DI-SPME and SBSE were suitable for extracting all sixteen PAHs with good 
sensitivity and precision. However, the SPME fiber and stir bar sufferred directly 
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from matrix effects, particularly in complex samples. Moreover, the extraction time 
needed for DI-SPME and SBSE, usually ea. 1 to 2 hrs, was longer than that of µ-SPE. 
Furthermore, if not specially addressed, analyte carryover can be a problem for both 
techniques. 
 
In µ-SPE, the porous membrane afforded protection for the enclosed MWCNT 
sorbent. Hence, the procedure can be directly used in complex samples, and allows 
































Figure 7-10 Comparison of SPE, DI-SPME, HS-SPME, SBSE, and µ-SPE with 


































Figure 7-11 Comparison of SPE, DI-SPME, HS-SPME, SBSE, and µ-SPE with 
unfiltered spiked river water samples. 
 
7.3.5 Genuine water sample analysis 
The developed µ-SPE method was applied to determine the PAHs in genuine river 
water samples. Each river water sample was divided into three aliquots and analyzed 
in parallel. The results are summarized in Table 7-2. Since PAHs are ubiquitous as 
environmental contaminants, as expected, all the samples were found to contain PAHs. 
To evaluate the accuracy of the method, the relative recoveries were tested by spiking 
PAHs standards into the river water samples at 25 µg/L. Results of relative recoveries 
and RSDs in triplicate are shown in Table 7-2. The relative recoveries ranged from 
70.9% to 96.8%, with RSDs below 10%. The developed µ-SPE method was 





Table 7-2 PAHs in genuine river water samples determined by µ-SPE and GC-MS. 




















Nap 3.22(6.2) 88.5(6.2) 3.31(5.7) 91.7(7.1) 3.18(5.8) 90.2(7.3) 
Acp 1.87(6.8) 83.4(7.4) 1.94(6.3) 82.1(6.5) 2.03(7.2) 86.9(6.1) 
Ace 1.48(7.8) 92.8(4.2) 1.33(5.3) 92.0(5.1) 1.52(8.2) 93.3(5.8) 
Flu 0.19(6.1) 88.2(6.9) 0.23(4.3) 93.7(8.6) 0.31(5.1) 90.6(7.4) 
Phe 0.36(5.3) 91.8(8.9) 0.35(6.2) 91.3(7.2) 0.28(7.7) 90.4(7.1) 
Ant 0.46(7.3) 92.7(8.0) 0.51(10.3) 96.5(8.2) 0.39(6.9) 93.9(6.3) 
Flt 0.09(4.9) 90.5(5,9) 0.07(5.2) 86.4(7.6) 0.10(4.6) 85.2(6.0) 
Pyr 0.19(7.9) 96.8(7.5) 0.29(7.3) 94.3(8.3) 0.24(7.1) 96.1(4.2) 
Cry 0.25(6.4) 80.8(5.7) 0.19(6.9) 81.2(7.8) 0.27(7.2) 82.5(7.9) 
BaA 0.13(9.9) 76.5(6.9) 0.16(8.3) 80.3(7.0) 0.14(9.6) 76.7(5.8) 
BbF 0.08(8.1) 80.4(9.1) 0.10(9.2) 79.1(7.1) 0.09(11.2) 83.2(8.3) 
BkF n.d.d 81.6(5.5) n.d. 78.5(6.3) n.d. 76.4(5.6) 
BaP n.d. 80.1(6.2) n.d. 75.9(8.7) n.d. 77.2(8.6) 
InP n.d. 70.9(4.7) n.d. 71.8(5.4) n.d. 74.0(8.8) 
DBA n.d. 71.8(7.8) n.d. 71.0(6.9) n.d. 71.9(8.2) 
BghiP n.d. 78.8(6.8) n.d. 79.4(9.0) n.d. 81.8(7.7) 
a Concentration. 
b (%), n=3. 
c Spiked at a concentration of 25 µg/L. 
d Non-detected or below LOD. 
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7.4 Conclusion 
In this work, MWCNTs were investigated as an efficient sorbent material in µ-SPE. 
This is the first report of µ-SPE with MWCNTs as sorbent being used for determining 
trace levels PAHs in river water samples. The proposed µ-SPE method coupled with 
GC–MS analysis could achieve limits of detection in the sub-parts-per-billion ranges 
(µg/L), good linearity and acceptable repeatability. In addition, the method is 
relatively robust with the µ-SPE device being capable of being used for up to 20 
extractions. After being used for more than 20 times, some damage to the device is 
observed (tear in the membrane that might lead to loss of sorbent). No analyte 
carryover was observed after further desorption assisted by ultrasonication. Compared 
to conventional cartridge-based SPE, stir bar sorption extraction, headspace SPME, 
and direct immersion SPME, µ-SPE was demonstrated to be a fast and efficient 
approach for the determination of PAHs in complex aqueous samples. The µ-SPE 
device would be suitable for more complex aqueous matrices due to the protection 









Chapter 8 Conclusion 
 
The research described in this thesis focuses on the studies of fast, organic solvent 
free or organic solvent-minimized and efficient sample preparation methodologies for 
the analysis of trace level organic pollutants in environmental aqueous samples. 
Several novel minimized sample preparation approaches were developed, that 
exploited the synergies of these procedures, in combination with derivatization 
techniques, extending the applicability of liquid-phase microextraction (LPME) and 
micro-solid-phase (µ-SPE). 
 
In chapter 2, solvent bar microextraction (SBME) was combined with simultaneous 
derivatization to determine pharmaceutically active compounds (PhACs) in 
environmental water samples. The analytes were extracted and derivatized in one step, 
avoiding an extra derivatization step, usually applied after the extraction in the 
conventional way, and facilitating the procedure. The limits of detection (LODs) were 
in the range of 0.006-0.022 µg/L. The reproducibilities for all analytes were between 
4.7% and 9.5%. The results showed that the SBME with simultaneous derivatization 
was a convenient and efficient method for determining PhACs in aqueous samples.  
 
An ionic liquid based three-phase liquid-liquid-liquid SBME (IL-LLL-SBME) was 
developed to determine phenols in seawater samples (chapter 3). The ionic liquid, 
1-butyl-3-methylimidazolium hexafluorophosphate ([BMIM][PF6]), was used as the 
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intermediary solvent for LLL-SBME, instead of the usual organic solvent, enhancing 
the extraction efficiency for polar analytes. This method provided high extraction 
efficiency for phenols. The LODs ranged from 0.01 µg/L to 0.1 µg/L. Since an ionic 
liquid was used, the developed approach was totally organic solvent free and 
environmentally friendly. Ionic liquid based LLL-SBME was shown to be a feasible 
alternative approach to the conventional organic solvent based LLL-SBME. This 
method introduced a new and interesting way to apply ionic liquids in LPME. 
 
In the aforementioned SBME approaches, viz. SBME combined with derivatization 
and IL-LLL-SBME, the hollow fiber acted as a filter and prevented the co-extraction 
of matrix interferences, and thus no extra cleanup was needed. After extraction, the 
extractant could be directly injected into a chromatographic system for analysis. In 
addition, the single use of hollow fiber avoided potential carry-over problems. SBME 
was demonstrated to be a suitable and efficient method in the analysis of complex 
aqueous samples. 
 
Several novel low-density solvent based dispersive liquid-liquid microextraction 
(DLLME) methods were developed in this work. In low-density solvent based 
ultrasound-assisted emulsification microextraction (LDS-USAEME) (chapter 4), no 
dispersive solvent was necessary since the emulsion was formed with the assistance of 
ultrasonication, greatly reducing the total consumption of organic solvent in the 
procedure. Combined with on-column derivatization, and coupled to GC–MS 
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determination of carbamate pesticides (CPs), the LODs could be as low as 0.01 µg/L. 
This approach provided a simple and efficient method for the analysis of CPs in 
aqueous samples. 
 
Furthermore, in chapter 5, a novel two-step extraction procedure, a combination of 
electro membrane extraction and low-density solvent based USAEME 
(EME-LDS-USAEME), for the determination of chlorophenols, was exploited. 
Compared to conventional DLLME and USAEME method, the main advantage of the 
method lies in the applicability to complex samples, since the membrane in EME can 
act as a filter to exclude potential interfering materials. In EME-LDS-USAEME 
coupled to GC–MS analysis, the LODs of chlorophenols were in the range of 0.005 
and 0.010 µg/L. Especially, due to the combination of two-step preconcentration 
provided by EME and USAEME respectively, the approach can achieve high 
enrichment factors (up to 2198). The results demonstrated that this approach was an 
efficient method for the determination polar compounds in complex aqueous samples. 
 
In chapter 6, low-density solvent-based solvent demulsification DLLME was 
conducted to determine sixteen polycyclic aromatic hydrocarbons (PAHs) in 
environmental water samples. After extraction, a demulsification solvent was injected 
into the aqueous solution to break up the emulsion. The outstanding advantage of the 
developed approach is that some additional steps usually required in conventional 
DLLME or similar techniques, such as centrifugation, ultrasonication, or agitation of 
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the sample solution, or refrigeration of the extraction solvent (to solidify the extract) 
are avoided, thus allowing the method to be potentially applicable in the field. 
Combined with GC–MS, LODs ranging from 3.7 ng/L to 39.1 ng/L were obtained, 
indicating that the approach was a fast and efficient method for the determination of 
trace levels of PAHs in environmental water samples.  
 
In the three procedures mentioned above, a disposable flexible polymeric Pasteur 
pipette was employed as the extraction vessel. Thus low-density organic solvents 
could be used as extraction solvents and collected conveniently after extraction, 
broadening the range of organic solvents for DLLME. These works opened up a new 
practical extraction approach that are simple to operate and easily accessible, for the 
application of low-density solvents in DLLME. 
 
The final work in this thesis demonstrated the application of multiwalled carbon 
nanotubes (MWCNTs) as an effective sorbent for micro-solid phase extraction (µ-SPE) 
(chapter 7). Due to their large surface area and π-π electrostatic interactions with the 
aromatic rings of the PAHs, MWCNTs was found to be suitable for the extraction of 
PAHs. The µ-SPE coupled with GC–MS could achieve LODs in the range of 4.2 to 
46.5 ng/L. Compared to conventional cartridge-based SPE, stir bar sorption extraction, 
and SPME, µ-SPE was demonstrated to be a fast and efficient method for determining 
PAHs in complex aqueous samples. Due to the protection afforded by the membrane, 
µ-SPE device would be suitable for more complex aqueous matrices. In addition, the 
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method was relatively robust with the µ-SPE being capable of being used for up to 20 
extractions. 
 
The two different methods, LDS-SD-DLLME (Chapter 6) and the MWCNTs based 
µ-SPE (Chapter 7), provide comparable LODs for PAHs. They have different 
advantages. LDS-SD-DLLME is fast and can be used in field, while MWCNTs based 
µ-SPE can be used in relatively complex water samples. Both the two exhibit 
complementarity and could have wide applications. 
 
In summary, the proposed approaches in this thesis extend the usability of LPME and 
µ-SPE for fast and accurate screening of organic pollutants in environmental aqueous 
samples, with merits of high efficiency, simple experimental setup and operation, as 
well as low cost and accessibility. 
 
The primary limitation of the procedures developed in this thesis, including SBME, 
low-density solvent based DLLME, and µ-SPE, is the lack of complete automation at 
the present time. Future work should pay more attention to the automation of these 
microextraction processes, which should enable the wider adoption of these 
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